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Abstract
Physical factors drive evolution and play important roles in motility and attachment as well as in
differentiation. As animal cells adhere to survive, they generate force and “feel” various mechanical
features of their surroundings and respond to externally applied forces. This mechanosensitivity requires
a substrate for cells to adhere to and a mechanism for cells to apply force, followed by a cellular response
to the mechanical properties of the substrate. We have taken an outside-in approach to characterize
several aspects of cellular mechanosensitivity. First, we used single molecule force spectroscopy to
measure how fibrinogen, an extracellular matrix protein that forms the scaffold of blood clots, responds
to applied force and found that it rapidly unfolds in 23 nm steps at forces around 100 pN. Second, we
used tensile testing to measure the force-extension behavior of fibrin gels and found that they behave
almost linearly to strains of over 100%, have extensibilities of 170 ± 15 %, and undergo a large volume
decrease that corresponds to a large and negative peak in compressibility at low strain, which indicates a
structural transition. Using electron microscopy and X-ray scattering we concluded that these properties
are likely due to coiled-coil unfolding, as observed at the single molecule level in fibrinogen. Moving inside
cells, we used total internal reflection fluorescence and atomic force microscopy to image self-assembled
myosin filaments. These filaments of motor proteins that are responsible for cell and muscle contractility
were found to be asymmetric, with an average of 32% more force generating heads on one half than the
other. This could imply a force imbalance, so that rather than being simply contractile, myosin filaments
may also be motile in cells.
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ABSTRACT

STRUCTURE AND MECHANICS OF PROTEINS FROM
SINGLE MOLECULES TO CELLS
André E. Brown
Dennis E. Discher

Physical factors drive evolution and play important roles in motility and attachment as
well as in differentiation. As animal cells adhere to survive, they generate force and
“feel” various mechanical features of their surroundings and respond to externally
applied forces. This mechanosensitivity requires a substrate for cells to adhere to and a
mechanism for cells to apply force, followed by a cellular response to the mechanical
properties of the substrate. We have taken an outside-in approach to characterize several
aspects of cellular mechanosensitivity. First, we used single molecule force spectroscopy
to measure how fibrinogen, an extracellular matrix protein that forms the scaffold of
blood clots, responds to applied force and found that it rapidly unfolds in 23 nm steps at
forces around 100 pN. Second, we used tensile testing to measure the force-extension
behavior of fibrin gels and found that they behave almost linearly to strains of over
100%, have extensibilities of 170 ± 15 %, and undergo a large volume decrease that
corresponds to a large and negative peak in compressibility at low strain, which indicates
a structural transition. Using electron microscopy and X-ray scattering we concluded that
these properties are likely due to coiled-coil unfolding, as observed at the single molecule
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level in fibrinogen. Moving inside cells, we used total internal reflection fluorescence
and atomic force microscopy to image self-assembled myosin filaments. These filaments
of motor proteins that are responsible for cell and muscle contractility were found to be
asymmetric, with an average of 32% more force generating heads on one half than the
other. This could imply a force imbalance, so that rather than being simply contractile,
myosin filaments may also be motile in cells.
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Introduction

Biological materials have evolved to serve a wide variety of functions ranging from
structural (bone and exoskeleton) to optical (eyes) to thermal (fur). Cells themselves are
also increasingly being studied as complex, active materials for their interesting optical
and especially mechanical properties. Furthermore, many cell types are also able to sense
and respond to the mechanical properties of their surroundings. However, the processes
by which cells sense these properties are far from exhaustively characterized, let alone
completely understood. Current research is aimed at understanding every aspect of
cellular mechanosensing from the mechanical properties of the extracellular matrix that
cells adhere to in vivo, to how cells apply forces to their surroundings, and ultimately
how the reaction forces from the substrate affect cell behaviors. In this dissertation I will
touch on aspects at each of these levels.
The first chapter reviews work on cell mechanosensation with an emphasis on
protein unfolding as a possible force-sensitive process. Because of the variety of systems
where unfolding is thought to play a role, this chapter also ties the remaining chapters
together thematically.
Chapters 2 and 3 describe investigations into the mechanical properties of fibrin
and its precursor fibrinogen. Fibrin is the principal protein component of blood clots so
in addition to its mechanical role in stopping blood flow at sites of injury it is also an
extracellular matrix protein involved in wound healing. We first used single molecule
force spectroscopy to pull on single fibrinogen molecules to understand their response to
1

force and found that their coiled-coil regions unfold in 23 nm steps. Using this
information we then performed a series of experiments on macroscopic clots to
understand how the unfolding observed in single molecules is manifested in the
mechanics at larger scales. Interestingly, unfolding seems to endow clots with their large
extensibility despite their relatively rigid microstructure and leads to a large volume loss
upon stretching. This volume loss corresponds to a negative compressibility that is likely
driven by bundling of hydrophobic residues that are exposed upon unfolding.
Finally, Chapter 4 moves inside of cells to consider the structure of the force
generating components of the cellular cytoskeleton. Results were collected using a
combined total internal reflection fluorescence and atomic force microscope to study selfassembled myosin filaments. These are in vitro mimics of the contractile apparatus that
powers muscle and also drives contraction in non-muscle cells. When self-assembled,
these filaments are found to be asymmetric, meaning that there are more force generating
units on one side than the other. This suggests that these structures may not be purely
contractile but also motile. These results agree qualitatively with the predictions of a
simple equilibrium lattice model of filament assembly.
All of these studies have been highly collaborative and so they are the combined
work of multiple co-authors. They are based in whole or in part on the following
manuscripts:
1. AB and Dennis E. Discher (2009) Current Biology. To appear.
2. AB, Rustem I. Litvinov, Dennis E. Discher, John W. Weisel (2006) Biophysical
Journal - Letters. 92:L39-L41.
2

3. AB, Rustem I. Litvinov, Dennis E. Discher, Prashant Purohit, John W. Weisel
(2009) Science. To appear.
4. AB, Alina Hategan, Daniel Safer, Yale E. Goldman, Dennis E. Discher (2009)
Biophysical Journal 96:1952-1960.
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Chapter 1

Summary
Conformational Changes and Signaling in Cell and Matrix Physics
Physical factors drive evolution and play important roles in motility and attachment as
well as in differentiation. As animal cells adhere to survive, they generate force and
"feel" various mechanical features of their surroundings – with mechanosensation
mechanisms based in part on force-induced conformational changes. Single molecule
methods for in vitro nano-manipulation together with new in situ proteomic approaches
that exploit mass spectrometry are helping to identify and characterize the molecules and
mechanics of structural transitions within cells and matrices. Given the diversity of cell
and molecular responses, networks of biomolecules with conformations and interactions
sculpted by force seem more likely than singular mechanosensors. Elaboration of the
proteins that unfold and change structure in the extracellular matrix and in cells is
needed, particularly the force-driven kinetics, to understand the systems biology of
signaling in development, differentiation, and disease.

Introduction
Evolutionary and developmental pressures such as outpacing pursuants, pumping
essential fluids, or resisting mechanical stress, all physically select for beneficial changes
in expressed genes. These examples involve forces of contact which must be sustained
within a tissue by an ensemble of molecules that can also transduce – directly or
4

indirectly – signals to the tissue-integrated cells. Since the beginnings of cell biology,
various micro-tools have been developed to push or pull on cells and determine effective
responses in terms of elastic, viscous, and yield parameters [1], though often without
much molecular insight. Brownian and non-Brownian motions of particles within cells
have also been tracked to analytically distinguish passive, thermally-scalable properties
of cells from active, energy-driven characteristics [2]. The latter responses often involve
signaling and exhibit molecular specificity: when a cell-matrix adhesion is stretched by
an external force, for example, select proteins are post-translationally modified and
actively enriched at the site of applied force [3]. When cells test the mechanics of their
microenvironment through adhesive engagement and ATP driven contraction of actinmyosin ‘stress’ fibers [4], gene expression can change over hours to days, with recent
examples including matrix elasticity directed lineage specification of stem cells (Fig. 1)
[5] and malignant transformations of breast epithelial cells on stiff substrates [6].
Regardless of process, however, the underlying molecular mechanics need to be clarified.
A number of signaling pathways have been described that transduce mechanical signals
into biochemical responses which could then lead to complex cell behaviors [7, 8].
Interactions within or between molecules that are directly modulated by force or by some
other mechanical property of the microenvironment are likely to be critical in any
putative mechanosensory circuit. Force-induced conformational changes have been
thought to be important, but it is only relatively recently that such processes have been
observed in vitro. Now there is also growing experimental evidence that force induced
conformational changes indeed occur within matrix and cells [9].
5

Figure 1: Cells can ‘feel’ the physical properties of their microenvironment. In one recent example with mesenchymal stem cells,
matrix elasticity is seen to direct lineage specification [5]. Inhibition of the cell’s contractile tension blocks mechanosensation.
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Of the various mechanisms that have been proposed for mechanosensing [7, 8, 10, 11],
here we focus on tension-induced changes in protein structure (Fig. 2A). Forced
unfolding can be localized to a part of a domain or loop, or it can involve complete
domains; force can also re-orient domains or straighten unstructured regions such as
hinges between domains. We review the experimental methods that have been used to
probe transitions and also review how these observations fit into a cellular context. From
outside to inside a cell, we first consider extracellular matrix, which defines a mechanical
substrate for cells (Fig. 2B) and which interacts with cell surface receptors such as
integrins to couple matrix to cell cytoskeleton (Fig. 2C). We then focus on the
cytoskeleton itself, including its contractile myosin components with which a cell exerts
pulling forces and probes its surroundings (Fig. 2D). More physical tools and
biochemical insights are certainly needed, but it seems fair to claim that ‘molecular
mechanobiology’ is not just emerging but perhaps burgeoning.

Proteins Unfold under Force
Most proteins fold and fluctuate around an average three-dimensional structure that can
be influenced by cell signaling processes [12]. Unfolding through changes in temperature
or solvent, with denaturants such as urea or guanidine hydrochloride, has taught us much
about the determinants of protein structure. However, normal body temperatures tend to
remain within tight limits in mammals and birds (especially in terms of the absolute
temperature in Kelvin, K), and denaturants are not especially physiological. On the other
hand, mechanical stresses are unavoidable in locomotion, flowing biofluids, and even just
7

Figure 2: (A) When force is applied to proteins their native structure can be perturbed. This can involve a conformational change in
which only quaternary structure is perturbed or unfolding in which secondary or tertiary structure are disrupted locally or over an
entire domain. Lower panel: Adherent cells attach to the extracellular matrix (ECM), spread, and apply contractile forces using actomyosin stress fibers. The image in the lower left shows the detergent extracted cytoskeleton of a mesenchymal stem cell adhering to
its substrate. This can in principle activate several force sensitive processes that may be mediated by protein unfolding. (B) ECM
proteins such as fibronectin are extended, exposing cryptic binding sites that promote fiber assembly as well as cell adhesion (inset
adapted from [23]). (C) Focal adhesions sense applied force and respond by recruiting additional proteins to shore up the cellsubstrate interaction. A possible contributing mechanism is the force-induced exposure of vinculin binding sites in the talin rod
domain, shown here to unfold under force in molecular dynamics simulations (adapted from [55]). (D) The cytoskeleton is actively
contractile and these forces impact not only the ECM and focal adhesions, but also the cytoskeleton itself. The inset shows
simulations of the forced unfolding of an actin binding protein called filamin (adapted from [76]). The schematic (adapted with
permission from original by Hyungsuk Lee, Jorge M. Ferrer, and Matthew J. Lang) to the left shows how filamin unfolding and actin
unbinding can be simultaneously studied in single molecule experiments [78].
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residing in the Earth’s gravitational field. Forced unfolding of single proteins was first
shown about a decade ago [13, 14]. A ‘grip and break’ approach is perhaps the most
intuitive way to think about disrupting any structure, but force is a vector (with
magnitude and direction) that is difficult to apply to proteins tumbling in solution.
Immobilization is required, as occurs with structural proteins within a cell or matrix, and
there is also a need for nanoscale techniques to apply a force and monitor the effects of
force at the molecular level.
The most commonly used tools today for single molecule force spectroscopy are
atomic force microscopes (AFM) (Fig. 3A) and optical tweezers as reviewed elsewhere
[15]. Based on forced unfolding measurements of many proteins, forces in the range of f
= 10 pN to 200 pN will unfold most proteins within a second or less. At lower forces,
proteins unfold more slowly [16, 17], which one can understand from the simplest
possible expression, widely attributed to Bell [16], for the rate k of reaction that is
accelerated by force above a basal rate ko:
k = ko exp( f d / kBT )

Eq.1

The distance d is specific to a protein state, and kBT (= 4 pN nm) is the standard
Boltzmann constant multiplied by absolute temperature (~300 K in most biological
systems). The exponential factor (i.e. Boltzmann factor) shifts and sculpts the free
energy landscape which has the form of a folding funnel (Fig. 3B). Because cells are
filled with myosin motors that each typically generate forces of ~1-10 pN in ~1-10 nm
steps, unfolding reactions are expected to be accelerated and therefore more prominent
within active cells.
9

Figure 3: Nano-tools for protein folding and funnels. (A) Proteins can be extended and unfolded by force using a probe (shown in
yellow) either in AFM or optical tweezers (adapted from [33]). (B) The energy of an extended protein conformation is typically higher
than the folded native state and this is often conceptualized as an energy landscape in the form of a folding funnel where chain entropy
dominates with the many unfolded states and energetic interactions pull the protein into one or a few well-defined structures. With
force, the energy of more extended conformations is decreased, thereby accelerating unfolding.
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With full unfolding of a typical repetitive domain within a multi-domain structural
protein, extensions of 5-10 fold correspond to distensions of 20-40 nm, which is large
compared to the dimensions of most other cytosolic proteins. While extension can serve
as a strain-release mechanism that allows some biological scaffolds to distend without
dissociating, for a growing list of proteins, unfolding seems to have additional functional
consequences, such as exposure of previously hidden assembly or binding sites.

Unfolding in the Extracellular Matrix Influences Assembly
Adherent cell types are viable only when they are attached to a solid substrate, which in
vivo is the extracellular matrix (ECM)—a crosslinked hydrogel complex of protein and
polysaccharide that is produced by either the cell it surrounds or specialized cells such as
fibroblasts. ECM proteins are the most abundant proteins in animals and play critical
mechanical roles for tissues by providing them with substantial tensile strength and, in
the case of bone—through calcification, compressive strength. The role of ECM in
regulating cell behavior, and in particular how it can be modulated by force, is
highlighted here.
Fibronectin is a well-studied ECM component that cells adhere to with surface
receptors called integrins. Fibronectin consists of a series of immunoglobulin (Ig)-like
domains that form a chain-like structure, and it further assembles into fibrous bundles and
a network (Fig. 2B). Assembly depends on tension, whether it is produced by cells [18]
or is applied externally [19, 20], and this has led to the suggestion of cryptic sites in
fibronectin that are exposed by cell contractility [18]. The hypothesis that this exposure
11

was due to a force-induced unfolding was plausible given that fibronectin unfolding
under tension had already been predicted theoretically [21]. This early prediction was
shortly followed up by molecular dynamics simulations [22, 23] and single molecule
experiments on fibronectin domains from the related ECM protein tenascin [24]. These
‘force spectroscopy’ experiments also showed that the domains could refold in seconds
after removal of force. Further evidence for some type of conformational change with
the matrix under tension was provided by Foerster Resonance Energy Transfer (FRET)
changes between fluorescent dyes attached to Cys and Lys residues in fibronectin [25,
26]. Although such Cys labeling tends to block disulfide formation that is essential to
matrix crosslinking within the oxidative, extracellular space, the FRET results are
quantitative and compelling.
The results for fibronectin suggest that unfolding is activated by cell tension in the
ECM, contributing to assembly, but fibronectin interacts with many other proteins
including ECM components fibrin and collagen [27] as well as cell surface integrins [28].
Fibronectin’s multi-modular structure might therefore have evolved to serve as a multipurpose mechanosensor in the ECM [29] with different binding events controlled by
distinct mechanical stabilities of the different domains: at low forces, sites involved in
fibril assembly of fibronectin could be exposed, while later, if the fibrils are put under
higher tension, new binding sites could be exposed when the more stable domains are
unfolded as suggested already by single molecule experiments [30]. A current challenge
is to elaborate such mechanically propagating interactions.
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Fibrin, fibronectin, and collagens (types 1 and 3) are linked physically through
binding—perhaps with tension dependent mechanisms—and they are linked functionally
during wound healing. An initial fibrin clot is replaced by ECM components that include
fibronectin and then more permanent (and stiffer [31]) crosslinked collagen [32].
Fibrinogen binds several proteins in addition to fibronectin, and some of these
interactions might also be regulated by force. The coiled-coils of fibrinogen have been
shown to unfold under force (see Chapter 2 for more details) [33, 34]. More recent
studies of fibrin gel stretching (Chapter 3) further indicate at small strains (<50%) that:
(i) a volumetric phase transition occurs with a large negative compressibility that
represents loss of water and association of unfolded protein, and (ii) a reversible orderdisorder transition occurs as seen by small angle X-ray scattering [35]. Despite such
macroscopic evidence of coiled-coil unfolding, it is not yet clear that binding sites found
in fibrinogen’s globular end domains undergo conformational changes under force.
Mechanically labile coiled-coils might protect the globular domains from unfolding and
thus play the reverse role of unfolding in fibronectin. Another possibility is that force
regulates the conformation of the C-terminal end of the !-chain in fibrinogen, a natively
unstructured region that contains an AGDV sequence involved in platelet adhesion [36,
37].
Collagen, like fibronectin, has a cryptic site that can be exposed by enzymatic
degradation, and this has been shown to influence angiogenesis [38]. This exposure
plays a role during enzymatic degradation of the matrix, but it is not known whether such
sites can also be exposed by force. While the aligned nature of the collagen triple helix
13

makes unfolding seem less likely, simulations have shown a variety of failure modes at
high forces [39]. This could be relevant after traumatic injury, even if not under normal
circumstances from cell-generated tension, but an active role of cells in any aspect of
ECM remodeling should not be underestimated. Growth factors—so essential in
development and differentiation—provide a valuable recent lesson in that many have
long been known to bind ECM, but more recent experiments show that release of at least
the canonical Transforming Growth Factor-" (TGF-") is directly modulated by the
elasticity of the matrix and by tension generated by cells [40].

Force Modulates Cell-Matrix Interactions
Cells have evolved many ways of modulating their physical interaction with each other
and with the surrounding ECM. Most cells possess integrin receptors that bind to
specific ECM peptides and mediate stable adhesion [28]. Forced unfolding with
exposure (or protection) of these sequences is not the only way for mechanics to
influence cell behavior; integrins and perhaps other focal adhesion proteins are also
sensitive to force through changes in protein structure (Fig. 2C). Methods for
interrogating forces from single adhesions on living cells [41] continue to be developed
[42] and should provide more insight into the mechanics of adhesion that accompany
these conformational changes, as they have for other processes that regulate adhesion,
including mechanics [43].
With integrins, a conformational change from a more compact to a more extended
conformation is thought to strengthen binding to ECM [44, 45]. Force sensitivity is
14

suggested by recent work with fluid shear forces imposed on adherent cells [46]. With
increasing stress, the average bond force per integrin increases, but this increase
depended on exposure of a synergy site in fibronectin. This scenario is consistent with
the formation of “catch-bonds” that exhibit an increased binding strength when put under
mechanical load. This behavior has been directly observed at the single molecule level in
other proteins [47-49], and similarly well-controlled single molecule experiments with
integrins are to be anticipated.
In addition to regulating adhesion strength, integrin clustering acts as a signal
involved in the formation of focal adhesions, which are currently estimated to contain
around 160 component proteins [50]. When cells are stretched with a glass microneedle,
they respond by locally recruiting focal adhesion proteins to shore up their attachment to
substrate [3]. In this sense, focal adhesions are mechanosensitive complexes, however,
changes in focal adhesion size and even the recruitment of specific proteins or the
activation of particular kinases do not by themselves explain how mechanical cues are
sensed since it is not yet clear how these processes could be modulated by force. Protein
unfolding is one possibility.
Vinculin is one of the proteins recruited to focal adhesions when cells are
stretched [51, 52] and talin, another focal adhesion component, is known to have a
cryptic vinculin binding site [53]. Thus, a possible mechanism for the force dependent
recruitment of vinculin to focal adhesions is the exposure of this site under force.
Molecular dynamics simulations explored how this exposure could occur [54] and the
hypothesis has recently gained experimental support with the finding that the rod domain
15

of talin can be unfolded under moderate forces of ~10-100 pN in single molecule
experiments [55]. Importantly, based on single molecule fluorescence during magnetic
trapping and extension of proteins, vinculin is more likely to bind the talin rod domain
when the rod domain is under tension. The number of binding events increased in
constructs with tandem talin rod domains, while the low number of binding events to aactinin was independent of the force, helping to rule out some possible experimental
artifacts. These results are suggestive, but there are still several critical questions that
remain unanswered. For example, what is the nature of the talin/vinculin binding?
Simulations have provided insight [56], but experiments are lacking; rod domains with
mutations in the binding sequence could help address whether the force-activated binding
is similar to that observed in a talin construct that has been mutated to adopt the active
conformation [57]. More importantly, a central open question is whether this
mechanism is in fact operative in focal adhesions in cells. This question is now
becoming addressable with new methods for the in situ labeling of exposed protein sites
[9] as discussed in more detail below.
Given the complexity of the network of interactions in focal adhesions, it would
be surprising if this were the only process regulated directly by force. The hypothesis
that there are other critical binding interactions that are directly regulated by force,
possibly through unfolding to expose cryptic sites, is made more attractive by studying
the type of network motifs that are found in the ‘adhesome’. One common motif that
appears 181 times by itself and is also frequently embedded in larger motifs consists of
two enzymes that bind to the same scaffold protein [50]. Any time such a scaffold
16

protein is incorporated structurally into a focal adhesion where it experiences an applied
force, it could play a mechanosensitive role in which the affinity of one or both of its
binding partners is altered when it completely or partially unfolds. There is recent
evidence that this situation occurs for the mechanical activation of p130cas [58]. An
important future task, perhaps best suited to higher throughput efforts, will be to
determine which of the many candidate interactions in the adhesome are indeed directly
modified by force. Interaction forces or ‘strengths’ will not provide immediate answers,
however, because entropy dictates that more frequent structures or pathways will tend to
be affected more often than the unitary Boltzmann factor of Eq.1 would predict. In other
words, a more appropriate weight or probability P in comparing processes a and b that
respectively exist Na or Nb times is:
Pa!b = [Na koa exp( fa da / kBT )] / [Nb kob exp( fb db / kBT )]

Eq.2

where f is the force applied to the protein a distance d along the reaction coordinate.
Analogies to the width of a protein folding funnel (Fig. 3B), which represents the number
of chain conformations, could perhaps be usefully formalized to multi-domain proteins in
multi-protein network modules.

The cytoskeleton responds to and actively applies force
‘Integrin’ can be considered a linguistic contraction for tissue ‘integration’ in that focal
adhesions provide a continuous, physical (if kinetic) link between the external ECM and
the internal actin cytoskeleton. The cytoskeleton not only supports the cell and helps
determine its shape, but also contains at least a few proteins that clearly respond to force
17

and are likely involved in mechanosensing (Fig. 2D). The cytoskeleton also possesses a
unique feature not present in the ECM or most focal adhesion components: it contains
active assemblies that consume energy and are therefore capable of doing mechanical
work [59]. This means that the cytoskeleton not only responds to force but also applies
force to its surroundings [60]. This closes the mechanical loop described above and
allows a cell to alter its surroundings by the forced-remodeling of proteins like
fibronectin and also to probe the mechanics of its substrate [4].
One of the central components of the cytoskeleton is actin. Actin monomers
polymerize to form filaments that are an important structural component of cells. For
example, gels made from purified filamentous actin and actin crosslinkers recapitulate
aspects of cellular mechanics [61]. Actin polymerization consumes ATP and, because it
is directional, it can apply forces to the cell periphery that drive cell motility [62]. In
order to control cell morphology and to help regulate this complex actin dynamics, a host
of actin binding proteins regulate its assembly and interact with other pathways [63]. An
interesting example that has received significant attention is filamin.
Filamin consists of a tandem array of Ig-like domains with an actin binding
domain on one end and a homo-dimerization domain on the other. When mixed with
filamentous actin, filamin forms cross-links between filaments and readily promotes
gelation [64]. Actin-filamin gels are more resilient and stiffer than actin gels alone or
gels formed with other actin binding proteins [65, 66] suggesting that one important role
for filamin is in regulating the mechanical properties of the actin cytoskeleton. Indeed,
several studies have found that filamin impacts cell mechanics [67-69] and filamin A
18

expression has been shown to be required for active cell stiffening in response to
substrate mechanics but not for passive stiffening in response to an external force [70].
For Dictyostelium discoideum filamin (ddFLN), this seems to be its main function as it is
only known to bind to one other protein in addition to actin [71]. In contrast to ddFLN,
human filamin has a more elaborate structure including hinge regions with important
mechanical consequences and 24 instead of 4 Ig-like repeats. More than 20 binding
partners have been identified for human filamin [72, 73]. These include proteins with a
range of functions, including signaling. Particularly relevant here, filamin has also been
shown to compete with talin in binding the cytoplasmic domain of integrin [74]. Thus
there is a direct link between filamin and proteins known to be critical in
mechanosensing. Given this connection with focal adhesions and the cytoskeleton as
well as filamin’s structural similarity with Ig domains to proteins like fibronectin, it is
natural to ask how filamin behaves under force and whether this behavior has functional
consequences.
The mechanics of filamin have been measured at the single molecule level using
AFM, and the Ig domains were found to unfold in an abrupt all-or-nothing manner at
forces of order 100 pN [75], consistent with molecular dynamics simulations [76]. An
important finding from work on ddFLN is that the force required to break the
dimerization interaction is larger than the force required for unfolding [77], suggesting
that filamin could unfold in vivo. However, these earlier AFM experiments could not
address the strength of the filamin-actin interaction under load and therefore could not
rule out the possibility that this interaction is the weakest link.
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More recently, the mechanics of filamin have been measured in an elegant nativelike system in which single filamin molecules are connected on one end to a fixed actin
filament and on the other to a filament connected to a bead [78]. When the bead is
trapped using optical tweezers and the sample stage is moved, the force required to either
break the filamin-actin bond or to unfold one or more of the domains of filamin can be
measured. One reason that this experiment is significant is that it gets directly to the
issue of competition between alternative stress-release mechanisms. In this geometry at
the rates studied, filamin was found to unbind most of the time, but unfolding was also
observed. Similarity in the force required for unfolding and unbinding could have
functional consequences in regulating cytoskeletal remodeling under force and highlights
the importance of thinking about timing, rates, and kinetics. Furthermore, it is not known
whether any of the proteins that bind the filamin repeats affect their stability or
conversely whether applied stress can affect the binding affinity of the filamin binders.
This question becomes especially interesting in light of recent work that suggests that
filamin can serve to trap a transcription factor (i.e. PEBP2/CBF) in the cytoplasm [79],
thereby regulating its action in the nucleus. If these results are confirmed, force-induced
shifts in transcription factor binding could provide an elegant mechanism for mechanics
to alter gene-expression, which is known to occur in (filamin-expressing) mesenchymal
stem cells in response to substrate stiffness [5].
Mechanical regulation of a transcription factor has already been observed in a
cardiomyocyte [80], which is one type of mesenchymal cell. A prototypical kinase
domain in the sarcomeric protein titin can be activated by cell contractility to bind a
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signaling complex that ultimately regulates a transcription factor well-known to be
regulated by the cytoskeleton, namely serum response factor (SRF). Molecular dynamics
calculations [81] and single molecule AFM provide insight into a possible mechanism,
suggesting that the kinase domain unfolds at lower force than individual immunoglobulin
domains of titin [82] – although Eq.2 would suggest some of titin’s ~200 Ig domains are
likely to unfold if the kinase domain unfolds. Mutations in the titin kinase domain
interfere with the signaling pathway and lead to a hereditary muscle disease in humans
[80], which implicates force-controlled unfolding of this domain and perhaps also some
of titin’s Ig domains.
Another class of actin-binding proteins that have been relatively well studied also contain
an actin-binding domain followed by a series of compact repeats, but instead of Ig-like
domains of "-strands, they consist predominantly of #-helical bundles. The spectrin
superfamily of proteins with their triple-helical bundle domains is prototypical: #actinins are the shortest and ubiquitous isoforms, while spectrins—originally isolated
from red blood cell membranes—are generally found at all cell membranes and are well
known to be essential for membrane stability. Additional members of the family include
dystrophin, which links the contractile apparatus of striated muscle to ECM, and
nesprins, which link the nuclear envelope to the actin cytoskeleton. Dystrophin
deficiency is the major cause of muscular dystrophy, with symptoms emerging at a few
years of age when mechanical stresses of growth become critical. All proteins play
mechanical roles in vivo, and a series of single molecule experiments have been directed
at understanding the molecular bases of these functions [83-87]. All spectrin family
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proteins tested thusfar have been found to be remarkably labile, unfolding at forces
around 15-30 pN even at the high loading rates typical in AFM experiments. Compared
to "-sheet Ig-like domains, the force required to separate the helices of the spectrin
bundles are relatively small and the helices themselves unfold easily because the
hydrogen bonds holding them together are arranged in series in the direction of the
applied force. In contrast, the bonds holding "-strands together are arranged in parallel
and must be simultaneously sheared apart when the domains are pulled at their N- and Ctermini [88]. Since proteins soften at higher temperatures [89, 90], spectrin domains will
unfold at even lower forces in vivo. In fact, an exhaustive study of the thermal stability
of the domains of spectrin in humans found that several domains have melting
temperatures " 37oC [91]; most single molecule experiments have been done at room
temperature and will miss such effects. Strong effects of temperature (beyond kBT) and
the stability of multiple serial versus parallel bonds are important to consider in future
experiments with single molecules as well as in extrapolations or direct study of cellular
structures.

Towards a Characterization of the Cellular ‘Unfoldome’
Despite the many insights obtained to date in vitro, the difficulty of determining whether
any domains are indeed wholly or partly unfolded in either cells or ECM highlights a
crucial deficit in our knowledge. New methods are therefore being developed to assess
the conformational state of proteins in cells and thus extend the knowledge gained in
vitro closer to the relevant physiological environment. However, even with the relatively
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small number of cases that have been examined in some detail so far, it is clear that there
is no singular protein transition or master mechanical switch at the heart of cellular
mechanical responses. Instead, we are likely at the early stages of discovering what will
prove to be a wide variety of force sensitive proteins and reactions. In terms of signaling
networks, we have just begun to identify the machanosensitive nodes embedded in the
cell’s broader system of signaling pathways. A more complete characterization of the
proteins that are unfolded by external forces applied to cells or by their own myosindriven contractility will help guide efforts to understand the molecular basis of
mechanotransduction. Just as the study of focal adhesions will progress by understanding
the interactions in the adhesome, the study of mechanotransduction more generally will
benefit from a more complete characterization of the cellular ‘unfoldome,’ the set of
proteins that can be unfolded as part of their physiological function. Although the focus
of this review is on cell mechanics and transduction mechanisms, the unfoldome concept
can be extended more broadly to other processes that induce changes in protein
conformation or quaternary structure including heat shock and other pleiotropic
perturbations.
It is possible in principle to characterize the unfoldome using experiments
designed to monitor the conformation of a single protein of interest using, for example,
antibodies against cryptic sites or FRET when the requisite double-labeling is possible.
For example, an antibody that recognized an extended conformation of p130Cas in vitro
also bound preferentially to the cell periphery where forces are expected to be highest in
spreading cells [58]. However, the time and effort required to develop an assay for every
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protein to be investigated seems unlikely to provide significant coverage of the
unfoldome in the near future. Methods are therefore required to search for a wider
variety of proteins whose conformations are force sensitive.
Advances in mass spectrometry based proteomics have set the stage to develop a
method to screen the conformational state of a large number of proteins in living cells [9].
The experimental scheme uses cysteine accessibility as a probe (Fig. 4A): as a
moderately hydrophobic amino acid, cysteines are often buried or partially buried within
protein tertiary and/or quaternary structure and are thus not accessible to small molecules
in the solvent. If a cysteine-reactive fluorescent dye is introduced into cells, only those
cysteines that are surface-exposed will be labeled. If changing conditions alter the
conformational state of a protein with a buried cysteine, a difference in dye labeling will
be detected. Thus, the spatial distribution of unfolding can be monitored to some extent
in cells using standard fluorescence microscopy. More importantly, mass spectrometry
of tryptic fragments from cell lysates can identify not only the proteins that show a
change in conformation, but even the precise cysteines that are exposed so that force
sensitive domains can be mapped within proteins.
When applied to the simplest possible cell, a red blood cell, this Cys shotgun
approach identified a half dozen spectrin repeats that unfolded in response to
physiological shear stress. Many sites in spectrin showed no change, and other
membrane skeleton proteins such as actin and ankyrin also showed no detectable change.
Cys shotgun can also be applied to adherent cells. Some proteins that unfold in response
to cell-generated tension are expected to refold when that tension is released (Fig. 4B).
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Figure 4: (A) Cysteines are either buried within a protein fold or interaction site, or else they are exposed on the protein surface. The
latter surface sites are rapidly labeled with one color before perturbation while the buried sites are then exposed and colored
differently. This provides a ratiometric signal of unfolding and improves signal-to-noise ratio for exposed sites. (B) Addition of a
membrane-permeable dye to adherent cells (in this case mesenchymal stem cells) labels cysteines depending on cell state, and
relaxation of myosin (here with blebbistatin) leads to significant differences in protein labeling. Proteins that remain folded or
assembled upon relaxation show a site-specific decrease in cysteine accessibility that is pinpointed using mass spectrometry (adapted
from [9]).
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This can be accomplished using a non-muscle myosin II inhibitor called blebbistatin.
Cys shotgun labeling of mesenchymal stems cells attached to collagen-coated substrates
in the presence or absence of blebbistatin gave a number of differential “hits” that
included non-muscle myosin IIa (consistent with drug treatment preventing a
conformational change in force generation), filamin, and the intermediate filament
protein vimentin. The results were largely the same with embryonic cardiomyocytes that
were labeled while beating spontaneously on a soft heart-like matrix or while static on a
non-physiologically rigid matrix [92].
These initial studies serve as a proof-of-principle for Cys shotgun labeling of the
unfoldome in cells and demonstrate the possibility of using such a proteomic-scale
approach for the identification of protein conformational changes associated with a wide
range of microenvironments or drug treatments. It will be important to explore
mechanically perturbed proteins in other adherent cell types using blebbistatin and to
examine cell responses to changes in applied strain. Cys shotgun investigations will also
suggest promising targets and domains for more detailed study by other approaches. In
combination with phosphorylation networks widely studied now by mass spectrometry,
the approach is poised to clarify the breadth of interplay between molecular mechanics
and signaling networks.

Conclusion
A wealth of information from in vitro studies now exists on the behavior of proteins and
other macromolecules subjected to force. Some of the distended conformations already
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seem to have functional consequences ranging from the regulation of matrix assembly
and cell adhesion to cytoskeleton dynamics. Proximal effects of mechanics also have
ramifications for more complex cell processes that require changes in gene expression
because these changes in protein conformation couple into other signaling pathways that
can have a broad range of effects downstream. Despite some successes in identifying
proteins involved in mechanosensing and an increasing understanding of their mechanism
of action, it seems likely that there are many more to be discovered and that this search
will be aided by methods that can broadly pinpoint relevant conformational changes
amidst the complex background of mechanically silent cytosolic and cytoskeletal
proteins—recognizing that there is no single cellular mechanosensor. Ultimately, a
diverse network of proteins will likely respond in specific ways to different mechanical
cues such as matrix stiffness, applied force, and fluid flow. As hinted at by the species
differences in filamin, a variety of sensing mechanisms might reflect the importance of
mechanical homeostasis in the evolution of larger multicellular organisms. New
perspectives on human diseases—beyond heart disease [93], muscular dystrophy, and
cancer [6]—are readily anticipated.
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Chapter 2

Summary
Forced Unfolding of Coiled-Coils in Fibrinogen by Single-Molecule AFM
Fibrinogen is a blood plasma protein that, after activation by thrombin, assembles into
fibrin fibers that form the elastic network of blood clots. We used atomic force
microscopy (AFM) to study the forced unfolding of engineered linear oligomers of
fibrinogen, and we show that forced extension of the oligomers produces sawtooth
patterns with a peak-to-peak length consistent with the independent unfolding of the
coiled-coils in a cooperative two-state manner. In contrast with force plateaus seen for
myosin coiled-coils that suggested rapid refolding of myosin, Monte Carlo simulations of
fibrinogen unfolding confirm that fibrinogen refolding is negligible on experimental time
scales. We suggest that the distinct behavior of fibrinogen is due to its topologically
complex coiled-coils and an interaction between fibrinogen’s !C-domains and its central
region.

Introduction
A blood clot needs to have the right degree of stiffness and plasticity for hemostasis and
yet very stiff clots are not easily lysed and are associated with thrombosis and
thromboembolism, but the origin of these mechanical properties is unknown [1]. The
elasticity of self-assembled networks of fibrin—the principal component of clots—also
proves highly nonlinear [1] and is of likely importance to cell responses in remodeling
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such gels [2]. Recent experiments have pushed mechanical measurements to the single
fiber level [3] and a theory incorporating an enthalpic fiber stretch and entropic elasticity
provides a better fit to macroscopic rheological data than one involving entropic elasticity
alone [4]. Despite these advances in understanding larger scales, the micromechanics of
fibrinogen, the pre-cursor of fibrin, remains unexplored.
In this chapter, we describe single-molecule atomic force microscopy (AFM)
experiments on the extensibility of fibrinogen oligomers. As with previous single
molecule unfolding experiments, oligomers were required to generate reproducible,
interpretable data (see for example ref. [5]). The fibrinogen oligomers used in this study
were covalently cross-linked via the "C-modules located at the distal ends of adjacent
fibrinogen molecules. Accordingly, when a fibrinogen oligomer is extended from the
sample surface, the force is propagated only through the coiled-coils and the C-terminal
portions of the "-chains (Fig. 1a), thus reducing the variety of potentially unfolded
structures and possible force-extension curves.

Methods
To induce end-to-end oligomerization of fibrinogen molecules, 10 mg/ml human
fibrinogen (plasminogen-free, Hyphen BioMed, France) in 20 mM HEPES buffer (pH
7.4) containing 100 mM NaCl, 30 mM CaCl2 and 5 ATU/ml hirudin was mixed with
human factor XIIIa (50 µg/ml final concentration) and incubated at room temperature
until the beginning of gelation (about 30 min). At that point, the cross-linking reaction
was stopped with 1 mM iodoacetimide and the “clot” was removed. For activation, a 0.8
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Figure 1: (a) Schematic of the pulling geometry. Fibrinogen oligomers adsorbed on mica were extended by the AFM tip shown in
yellow. If a coiled-coil is unfolded, the oligomer contour length increases by 23 nm. (b) Crystal structure of fibrinogen [6] with two
globular modules, "C and #C (i), at each end separated by triple-helical coiled-coils (ii) confined between clusters of disulphide bonds
(arrows). The force propagating coiled-coils, "C-modules, and the central region are shown in red. The C-terminal portions of the A!
chains are shown in blue with the !C-domains not present in the crystal structure represented as dotted blue lines.
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mg/ml factor XIII solution (46 U/mg, glycerol/water, 0.5 mM EDTA and 2 mM CaCl2)
was treated with 2 U/ml human thrombin (American Diagnostica Inc., Greenwich, CT)
for 1 hour at room temperature, and the reaction was stopped by addition of hirudin (10
ATU/ml final concentration). Formation of single-stranded fibrinogen oligomers via
crosslinking between "Gln398 and "Lys406 of the "C-modules was corroborated by
transmission electron microscopy (TEM) (Fig. 2a-e) and the presence of the "-"-chain
band in SDS-PAGE of reduced samples of the fibrinogen preparation (Fig. 2f). To
separate non-ligated monomers from oligomers, 0.5 ml of the cross-linked fibrinogen
preparation was applied to a 1.5x15 cm Sepharose CL 6B column equilibrated with 20
mM HEPES buffer (pH 7.4) containing 100 mM NaCl and 3 mM CaCl2. As judged from
TEM, the fraction collected in the void volume contained only about 6% fibrinogen
monomers and 94% di-, tri-, tetra-, and pentamers (Fig. 2g).
For TEM, preparations of cross-linked fibrinogen were diluted with a volatile
buffer (50 mM ammonium formate, pH 7.4, 25% glycerol) to a concentration of 20-40
µg/ml, immediately sprayed onto freshly cleaved mica, and rotary shadowed with
tungsten in a vacuum evaporator as previously described [7]. Prepared specimens were
observed in a FEI 400 electron microscope at 80 kV and 60,000! magnification in many
different areas of the preparations to obtain a random sample.
For the AFM experiments, 50 µl of a 50 µg/ml solution of the oligomerized
fibrinogen were pipetted onto freshly cleaved mica and allowed to adsorb for ten minutes
before being rinsed gently with buffer. Force-extension curves were collected using a
Digital Instruments Multimode AFM and Veeco silicon nitride cantilevers.
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Figure 2: Transmission electron micrographs of fibrinogen monomers (a), di- (b), tri- (c), tetra- (d), and pentamers (e). The scale bar
represents 50 nm. (f) The presence of the "-" band in SDS-PAGE confirms that the oligomers observed by TEM were covalently
crosslinked. (g) Histograms of degree of oligomerization are plotted as the logarithm of the frequency per 1000. The fractionated
sample contains only 6% monomer (black bars, n = 291) compared to the unfractionated sample that contains 85% monomer (gray
bars, n = 1046).
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Results and Discussion
When unfolded under force, fibrinogen oligomers gave rise to a periodic sawtooth pattern
(Fig. 3a) with a length and regularity that was not observed in control experiments on
monomers. Since the unfolding geometry is specified by "-"-crosslinking, the observed
sawtooth patterns are most likely due to unfolding of either the coiled-coils or the
globular C-terminal portions of the "-chains. Each coiled-coil consists of 111 or 112
amino acid residues of the A!-, B"-, and "-chains, which, when fully unfolded, form a
thread 40 nm long (assuming a contour length per residue of 0.36 nm) (Fig. 1a)
corresponding to an expected peak-to-peak length of 23 nm (unfolded minus 17 nm
folded length), in good agreement with the experimental data (Fig. 3c). In contrast, the Cterminal "-chains each consist of 215 amino acid residues (not including the disulfide
loops or the chain beyond the first crosslinking site) with an expected peak-to-peak
length of 77 nm, significantly bigger than the average unfolding length observed in our
experiments. The central region could also unfold but it is highly constrained by disulfide
bonds and does not seem to contribute.
Finally, we performed a Monte Carlo simulation that reproduces both the
observed force extension curves and the peak force histogram. Reasonable agreement
was obtained assuming negligible refolding and using a persistence length of 0.8 nm, an
unfolding rate at zero force of 0.03 s-1, and a transition state distance of 0.31 nm. These
parameters are in the same range as those observed previously for unfolding ubiquitin, a
globular protein [8]. It is interesting to note the difference between the unfolding of the
triple-helical coiled-coils of fibrinogen and the double helical coiled-coil of myosin II [9].
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Figure 3: (a) Force-extension curves observed for fibrinogen oligomers (black) with simulated overlays (blue). Traces have been
offset for clarity. (b) Histogram of peak forces (bars) is well approximated by the simulated data (blue line). (c) Histogram of peak-topeak distances with a major peak at 23 nm. Some longer events are observed at twice this distance.
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For myosin II, a force plateau is observed at 20 pN as opposed to the sawtooth behavior
observed here for fibrinogen with an average peak force of 94 pN. The same two-state
unfolding model has been shown to account for both force plateaus and sawtooth patterns
in force extension curves by changing two parameters: the length of the unit that unfolds
in a two-state manner and that unit’s refolding rate [10]. There are several reasons to
expect that these parameters are different for myosin and fibrinogen. The coiled-coils in a
fibrinogen oligomer are divided into short segments 17 nm in length, whereas in myosin
the coiled-coil is unbroken for 150 nm. Furthermore, the coiled-coils of fibrinogen are (i)
interrupted by “stutters,” (ii) contain a kink in the middle, and (iii) are in fact partly
quadruple-helical [6]. This structure is significantly more complex than the coiled-coil of
myosin II and it is possible that when it partly unfolds, the remainder is sufficiently
destabilized to appear to unfold cooperatively on experimental timescales. Such an
observation is not unprecedented: a helical linker has already been observed to propagate
cooperative unfolding between adjacent globular domains in spectrin [11]. Given these
structural differences and its more complex topology, fibrinogen’s refolding rate indeed
seems likely to be considerably slower than that of myosin II.
The C-terminal part of fibrinogen’s A!-chain that forms the fourth strand of the
quadruple-helical portion of the coiled-coil (shown in blue, Fig. 1b) is known to interact
via the !C-domain with the central region [6]. This interaction could contribute to the
mechanical stability of fibrinogen and may also reduce the refolding rate. This possible
new role for the !C-domains could be explored further using recombinant fibrinogens
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without these domains or by proteolytically cleaving them from oligomers prepared from
wild type fibrinogen.

Conclusions
This study identifies a new functional property of fibrinogen and suggests that the coiledcoil is more than a passive structural element of this molecule. Coiled-coil unfolding
could account for up to a 2-fold strain in the recently observed large extensibility of fibrin
fibers [12] but its role in the macroscopic properties of fibrin gels [1] remains to be
determined. The constraints provided by our results will likely serve as a useful input for
multiscale modeling efforts that will ultimately be required to fully understand blood clot
mechanics.
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Chapter 3

Summary
Multiscale Mechanics of Fibrin Polymer: Gel Stretching with Protein Unfolding and
Loss of Water
Blood clots and thrombi consist primarily of a mesh of branched fibers made of the
protein fibrin. We propose a molecular basis for the remarkable extensibility and negative
compressibility of fibrin gels based on the structural and mechanical properties of clots at
the network, fiber, and molecular levels. The force required to stretch a clot initially rises
linearly and is accompanied by a dramatic decrease in the clot volume. These
macroscopic changes are accompanied by fiber alignment and bundling following forced
protein unfolding. Constitutive models are developed to integrate observations at spatial
scales that span six orders of magnitude and indicate that gel extensibility and expulsion
of water are both manifestations of protein unfolding, which is not apparent in other
matrix proteins such as collagen.

Introduction
Fibrin clots are proteinaceous gels that polymerize in the blood as a consequence of
biochemical cascades at sites of vascular injury. This meshwork, together with platelets,
stops bleeding and supports active contraction during wound healing [1, 2]. Fibrin also
provides a scaffold for thrombi, clots that block blood vessels and cause tissue damage,
leading to myocardial infarction, ischemic stroke, and other cardiovascular diseases [3].
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To maintain hemostasis while minimizing the impact of thrombosis, fibrin must have
suitable stiffness and plasticity [4] but also sufficient permeability so that the network can
be effectively decomposed (lysed) by proteolytic enzymes [5, 6]. This is challenging
because open scaffolds would be expected to break at low strains—as is true for collagen
gels [7]. To address how fibrin clots are both permeable and highly extensible, we studied
fibrin structures across multiple spatial scales, from whole clots to single fibers and single
molecules (Fig.1).

Results and Discussion
Fibrin clots were made from purified human fibrinogen under conditions that resulted in
the formation of long straight fibers similar to those found in physiological clots. To
simplify the interpretation, the clots were covalently ligated using a transglutaminase
(blood clotting factor XIIIa) as naturally occurs in the blood, which prevents the
protofibrils from sliding past one another, thus eliminating persistent creep [8].
Measurements of the extensibility of 2 mm diameter fibrin clots (Fig. 2A) showed
that they could be stretched to over three times their relaxed length before breaking with
an average stretch of 2.7 ± 0.15 fold (n = 6). This is comparable to the single-fiber
extensibility observed when a fibrin fiber is laterally stretched with an atomic force
microscope [9]. Qualitatively, the resulting force-strain curve for fibrin is similar to those
observed for rubbers and other materials made from flexible chains [10]. However, for
fibrin clots, which are made of longer straighter fibers than the thermally fluctuating
polymer chains in rubber, models of rubber-like elasticity predict a branching density that
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Figure 1: Blood clots are highly extensible supramolecular protein polymers formed from well-separated, relatively straight and stiff
fibers around 200 nm in diameter. When stretched, the fiber network aligns in the direction of the applied strain and the individual
fibers stretch, forcing the fibrin monomers that make up the fibers to extend. Ultimately, it is this molecular unfolding that allows clots
to stretch so far. Thus, understanding fibrin clot mechanics requires knowledge of the mechanical response and the corresponding
structural changes spanning the centimeter to the nanometer scale.
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Figure 2: (A) Representative force-extension curve of a cylindrical fibrin clot reaching a 3-fold longitudinal stretch. The average
stretch before breaking was 2.7 ± 0.15 fold (mean ± SEM, n = 6). As the strain (stretched length/initial length - 1) increases, the force
on the clot increases linearly until a strain of approximately 1.2, at which point the sample hardens and enters a new regime with a
steeper slope (black). The force-extension curve (black) is fit using a constitutive model that takes clot microstructure and protein
unfolding into account (red line). Without molecular unfolding (like collagen (7)), the model (dashed line) rapidly diverges from the
experimental data (black). (B) The relative clot volume decreases with strain (black points) in contrast to the behavior of an
incompressible material (dashed line). This decrease is predicted using the same model and parameters used to fit the force-extension
data (red line) demonstrating that the volume decrease occurs in parallel with molecular extension (see supplement, equation (29)). A
decreasing volume with stretch corresponds to a negative compressibility (inset), which indicates that there is a source of free energy
to drive contraction, possibly due to fiber bundling when hydrophobic side chains aggregate and bury after exposure during unfolding.
The negative compressibility is a property of the network. Proteins in solution have been observed to have intrinsic compressibilities
around 2 x 10-4 MPa-1 .
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is wrong by seven orders of magnitude [4]. New models are therefore needed to
understand clot mechanics.
In addition to the large extensibility of fibrin clots, these gels also displayed a
dramatic decrease in volume upon stretching (supplementary video), unlike most rubbery
materials. This unusual effect is quantified in Fig. 2B where the lateral contraction of the
gel !* allows one to calculate the relative volume (!!!*2), which is plotted as function of
strain (black circles) and contrasted with a volume-conserving incompressible material
(dashed line). The shrinkage of the stretched clot was due to water expulsion, as
confirmed by an approximately ten-fold increase in the protein content in clots at a strain
of 2 (Fig. 5B). This protein concentrating effect, or syneresis, is mechanically induced
and corresponds to a negative compressibility for the gel (Fig. 2B, inset); the intrinsic
compressibility of proteins is usually positive and small, approximately 2 x 10-4 MPa-1
(open circle) [11]. This effect might be related to the phenomenon of negative normal
stress observed for networks of semiflexible polymers, because even though fibrin fibers
are relatively stiff, it is still possible that they buckle more easily than they stretch, thus
leading to an effective inward force [12]. However, our data below support an alternative
explanation in which the volume change is associated with protein unfolding in stretched
fibrin fibers.
To understand what makes fibrin so different from other highly extensible
polymers including rubbers and hydrogels, we quantified the structural changes that
occur in stretched clots at the network and fiber levels. Unstrained clots imaged using
scanning electron microscopy have well separated fibers with an essentially random
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orientation (Fig. 3A, top image). When strain is applied (Fig. 3A, lower images), the
fibers begin to align and the network orientational order parameter increases gradually
from 0.1 to 0.7 at a strain of around 2.5 (Fig. 3B).
Transmission electron microscopy of transverse sections through fibrin clots at
increasing strain (Fig. 3C, inset images) provides a clear picture of how the fibers become
thinner, closer together, and bundle. The area occupied by fibers increases from about 5%
to 24% at a strain of 2 (Fig. 3C, graph). This increase is smaller than expected given the
macroscopic shrinkage of the entire clot (supplement, pp. 15-16) indicating that the
volume decrease is a combined result of fiber bundling and a decrease in fiber diameter
from 185 ± 36 nm to 74 ± 16 nm (mean ± SD, p << 0.0001, Student’s t-test). Similar
transmission electron micrographs (although without corresponding scanning electron
micrographs) of fiber ordering have been reported [13], but quantifying the strain
dependence of these observations proves important below in constraining possible
models. Furthermore, knowing the stress applied and the fractional cross-section
occupied by fibers allows an estimate of the force per protofibril of approximately 75 pN
at a strain of 2. Given the small loading rate used here, this force is large enough to result
in significant unfolding of fibrin [14]. Protein unfolding is generally associated with
increased exposure of hydrophobic groups that would tend to interact (e.g. bundle) and
expel water, as observed here.
The half-staggered packing of fibrin (Fig. 4A) leads to a ~22 nm repeat that can
be measured using small angle X-ray scattering and this can be used as a readout of the
molecular length [15]. The position of the peak corresponding to the 22 nm spacing does
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Figure 3: Structural changes in stretched fibrin clots at the network and fiber levels. Scanning electron micrographs of stretched clots
(A) show how the fibrin fibers align with strain. (B) These scanning electron micrographs are segmented using a Laplace of Gaussian
filter that determines which pixels are fibers and which are background and also calculates the orientation " at each fiber pixel. The
inset images show the results of the segmentation with the color at each pixel corresponding to that pixel’s orientation. These data are
summarized as an orientational order parameter <cos(2")> that can range between 0 for randomly oriented fibers and 1 for perfectly
aligned fibers. Data points are averages of five fields of view taken randomly over the surface of the clot at each strain. The order
parameter was fairly uniform across samples with an average standard error of 0.03. (C) Transmission electron micrographs of
transverse sections through unstretched and stretched clots show fiber bundling (inset images). The plot shows the total cross-sectional
area covered by fibers (black points on the plot, each representing a randomly chosen field of view), which is used to calculate the
force per fiber as a function of strain from the total force applied to the sample. Inset images are 4 µm across. At least 10 scanning and
transmission electron microscope images at each strain were obtained from two independently prepared samples with similar results.
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Figure 4: Structural changes in stretched fibrin clots at the molecular level. (A) Schematic of a fibrin protofibril showing the halfstaggered pattern that leads to a characteristic 22 nm repeat. A fibrin monomer within the protofibril is shown in red. (B) Small angle
X-ray scattering from fibrin clots leads to a clear first order peak (white arrow, upper inset) and to 3rd and 4th order peaks. The plots
show the peak shape as a function of the wave vector q = 2!/d, which increases radially from the center. The thick lines are fits to the
data using the sum of an exponential and a Gaussian with the exponential alone (thin lines) shown for comparison. The width of the
peak increases with stretch, which can be understood in terms of a two-state like extension of fibrin molecules that introduce defects
into the sample. (C) This effect is quantified as the Scherrer length L, which decreases with increasing strain (red). The decrease is
more rapid for samples that were pre-aligned in a magnetic field during polymerization (blue), which implies network alignment
accommodates some strain and delays unfolding. The transition is reversible when samples are allowed to relax, as indicated by the
blue arrow. When samples are not ligated using factor XIIIa, protofibril sliding becomes important and unfolding is decreased. In all
cases, the peak position remains relatively constant, implying that there is no gradual lengthening of the whole population of fibrin
monomers. Instead, there remains a population that is not unfolded and maintains a fairly constant spacing. Error bars are standard
deviations of the distribution of L determined from fits using the bootstrap method. This bootstrap error is similar to the average
standard error of 15 nm calculated by averaging over results from four samples. (D) This behavior is captured by the constitutive
model in which the fraction of folded monomers nf decreases with increasing strain.
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not change significantly as the clot is stretched (Fig. 4B), ruling out a gradual extension
of molecules during stretch, which would otherwise increase this spacing, as suggested
by others [16]. The marked increase in peak width we observed indicates an increase in
disorder consistent with an increasing number of molecules unfolding in response to the
large strain. This increase in disorder is captured by the decrease in the Scherrer length L
(Fig. 4C): the length over which the 22 nm repeat is correlated [17]. A decrease in L
indicates that the average size of the regions containing a consistent 22 nm repeat
becomes smaller due to intervening regions of unfolded molecules. To control for the
effect on L of fiber alignment that accompanies strain, we made magnetically pre-aligned
samples in which the fibers were already oriented along the direction of applied strain. In
this case, the decrease in L occurs at lower strains since fiber alignment cannot take up as
much of the applied strain (Fig. 4C, blue points). This change is reversible when fibers
are allowed to relax (Fig. 4C, blue arrow). Similarly, to control for fiber sliding as an
alternative mechanism of strain accommodation, we stretched samples that were not
covalently ligated using factor XIIIa. Without ligation, protofibrils slide with respect to
each other instead of stretching, and unfolding is suppressed (Fig. 4C, black points). This
behavior is expected for two-state extension in which some molecules extend completely
while others remain folded, consistent with our earlier single-molecule observations of
the forced unfolding of coiled-coils in fibrinogen oligomers [14]. A more gradual
unfolding has been observed in molecular dynamics simulations [18], but the coiled-coil
spanning #C region is missing from published crystal structures of fibrinogen and is
therefore not included in the simulation. Early wide angle X-ray scattering measurements
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of fibrin clots support this view of molecular extension [19], providing evidence for a
folding transition from #-helix to $-sheet, as has been observed for stretched keratin [20,
21].
When these results are taken together, the following picture of fibrin mechanics
emerges (Fig. 1). Because fibrin fibers are straight and relatively stiff, thermally induced
bends are negligible, and so there is no slack to be pulled out upon extension. Instead,
even at relatively low strains, the fibers themselves must begin to orient and stretch along
the direction of the applied strain. The volume fraction of protein within the fibers has
been estimated to be approximately 20% [22], and the protofibrils that make up the fibers
are known to adopt a twisted conformation [23] so that at low strains fibers could stretch
somewhat by having protofibrils straighten and untwist within the fibers. However, in
order to reach even a strain of about 0.15, unfolding must start to play a role. It is this
structural transition that allows fibrin clots to maintain their linear response until strains
of 1.2, at which point the coiled-coils or perhaps some other compact structures have
unfolded and the clots strain-harden as the unfolded domains are stretched to near their
contour lengths and interact, expelling water, as unfolded proteins are known to do.
To quantitatively test this mechanism, two approaches to model the stress-strain
behavior of networks of semi-flexible filaments can be adapted for fibrin. A first model
for random networks of folded proteins [24] uses a system of connected fibers. Although
this model is not explicitly based on the microscopic structure of the network, it has been
shown to accurately describe other random networks and serves to connect the
microscopic and macroscopic processes. This leads to an expression for the force46

extension (or stress-strain) relation of the network in terms of the force-extension relation
of a single fiber. The molecules making up the fiber are modeled as two-state systems
that can be either folded, in which case the fiber behaves as a linear spring, or unfolded,
in which case it is modeled as a worm-like chain [25] (supplement, pp. 7-20).
An alternative model of filamentous gels starts from the assumption that the
networks are homogeneous, isotropic, and strain uniformly [26]. Such a model can be
used to compute the mechanical properties of the network after choosing a fiber forceextension curve as above. This model captures the trend in the data if buckling is taken
into account by setting the force on a fiber to zero whenever it is under compression.
With either modeling approach, protein unfolding is required to fit the
experimental data. Without unfolding, the fit rapidly diverges from the experimental
force-extension curve (Fig. 2A, dashed line). The fraction of folded domains nf
determined from the model correlates with the decreasing Scherrer length L observed
using small angle X-ray scattering (Fig. 4D) providing further evidence that sample
disordering is due to molecular extension. The divergence at high strains is likely due to
unfolding of structures in the fibrin molecules other than coiled-coils, which has been
suggested as a possible mechanism to account for the extensibility of single fibrin fibers
[9] and could be straightforwardly incorporated into our model to fit the force-extension
data at the highest strains. In contrast, a linear model without unfolding fits collagen force
extension data reasonably well (supplement, pp. 7-20). This further highlights the
uniqueness of fibrin’s ability to balance large extensibility with a large pore size.
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To account for the measured volume change in addition to the other results, we
modified the first model [24] by associating a volume decrease with the unfolding
transition. By matching the volume change at high strain, we determine the fractional
volume change per domain, with no further fitting, the observed volume drop at low
strain is captured using the same parameters as those used to fit the force-extension curve
(compare Figs. 2B and 4D). The approximate fit to the compressibility transition (Fig.2B,
inset) further increases confidence in the model and again suggests a connection between
clot shrinkage and unfolding (supplement, equation (29)). A likely mechanism is
aggregation that buries hydrophobic residues exposed during forced unfolding of protein
(Fig. 8).

Conclusion
Thus, it is the molecular extensibility of fibrin that allows clots’ long straight fibers to
extend and that endows them with essential properties, such as large pore sizes and low
fibrin volume fraction in combination with extensibility. This allows for efficient
permeation and lysis of clots [5] and maintenance of mechanical integrity in dynamic
environments (e.g., platelet-induced clot retraction, skin and internal wounds that could
stretch during healing, arterial thrombi, and pulsatory thrombotic aneurysms, etc.). The
fact that these molecular transitions occur at small strains that cells can exert [27] and are
manifested directly in the macroscopic mechanics of fibrin may represent a clear example
of an important biological function of forced protein unfolding, as also demonstrated for
some proteins in stressed cells [28]. Unfolded domains could be promising targets for
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modification in applications such as tissue engineering and cell biophysics where
stiffness is known to be important [27] and for designs of tougher fibrin sealants used in
surgeries [29]. Controlling unfolding could also lead to new strategies for breaking
thrombi, perhaps by stabilizing the coiled-coil, rendering clots more brittle for
thrombectomy or by destabilizing the coiled-coil, making clots softer and less occlusive.
Structural transitions observable at multiple scales may be also be involved in the
mechanics of other protein assemblies.
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Supplement
The theoretical portion of this supplement is primarily the work of Prashant Purohit.
Materials and Methods
Preparation of Fibrin and Cylindrical Clots
To form a fibrin clot, 10 mg/ml purified human fibrinogen in 50 mM Tris-HCl buffer, pH
7.4, containing 150 mM NaCl, 10 mM CaCl2, and 10 µg/ml human Factor XIII,
was mixed with 0.5 U/ml (final concentration) human thrombin. Cylindrical clots were
prepared in a 4x60 mm or a 2x50 mm plastic tube whose barrel was lubricated with a
very thin layer of 25% (v/v) Triton X-100 to minimize sticking of the clot to the walls.
The clots were allowed to form for 3-5 hours at room temperature and then kept
overnight at 4°C. To form a magnetically oriented clot, immediately after the addition of
thrombin the plastic tubes were placed for 3-5 hours in a 9.4T bore magnet, so that the
vector of the magnetic field was collinear with the tube axis. Then, these clots were
slipped out of the tube and used for experiments. Covalent ligation of the clots by Factor
XIIIa was corroborated by the presence of the %-%-chain band and #-chain polymers in
SDS-PAGE of reduced samples of the clot preparation.

Tensile Testing
Cylindrical clots were gently clamped between rubber pads in the grips of a straincontrolled Instron tensile tester equipped with a 2.5 N load cell. Samples were stretched
at 10 mm per minute while monitoring the load. To determine the strain in the center of
the sample independent of any effects of clamping, graphite powder was used to make
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fiducial marks on the clots that were then imaged using a digital camera. NIH ImageJ
was used to track the size and location of the fiducial marks in the center of the sample
over the course of the stretching experiments and these marks were used to calculate the
longitudinal strain and !*, the relative change in diameter. Fig. 5 shows a clot before and
after stretching with yellow dots indicating the points chosen to determine the strain and
diameter. In this way, the strain in the center of the sample was determined to eliminate
any effects due to the compliance of the clamping points at the sample ends. Clots
stretched in air and in a bath containing buffer (50 mM Tris-HCl, pH 7.4, 150 mM NaCl,
3 mM CaCl2) showed similar extensibility and volume decrease indicating that even the
clots that were exposed to air during the test remained hydrated. The extensibility results
are reported as mean ± standard error.

Measuring Protein Content in Clots
To measure protein content in a fibrin clot, a piece of unstretched or stretched 2-mm
cylindrical clot was gently blotted, weighed, and dissolved in 0.1M NaOH. Then the
protein concentration was measured by spectrophotometer at a wavelength of 280 nm
and the absorbance was normalized by the total mass of the piece of the clot. An increase
in protein content in a fibrin clot is inversely proportional to the clot shrinkage upon
stretching.

Scanning Electron Microscopy
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Clots prepared for scanning electron microscopy were thoroughly washed by permeation
with 50 mM sodium cacodylate-HCl buffer, pH 7.4, to remove excess salt and fixed
overnight in 2% glutaraldehyde. Stretched clots were washed and fixed by immersion
into the buffer or fixative while being clamped in the stretching device right after they
reached a certain length. Clots then were cut into small pieces, washed in DI water,
dehydrated in a graded series of increasing ethanol concentrations (30-100%), and critical
point dried with CO2 in a DCP-1 Critical Point Drying Apparatus (Denton Vacuum Co.,
Cherry Hill, NJ). The specimens were mounted, sputter coated with gold-palladium in a
Sputter Coating Unit E5100 (Polaron Instruments, Inc.) at 2.2 kV and 20 mA for 1.5 min,
and examined in an FEI XL20 scanning electron microscope (FEI Co., Hillsboro, OR).
Duplicates of each clot were made, and several fields on each clot were examined before
choosing fields that are characteristic of the entire clot. Digital electron micrographs were
taken at different magnifications between 2,000x and 10,000x.

Transmission Electron Microscopy of Transverse Sections
Cylindrical clot samples were fixed in 2.0% glutaraldehyde in 0.1M sodium cacodylate
buffer, pH 7.4, overnight. After post fixation with 2% osmium tetroxide, the samples
were stained en bloc with 2% uranyl acetate, dehydrated through a graded ethanol series,
and embedded in PolyBed 812 (Polysciences Inc.). Thin transverse sections were stained
with uranyl acetate and bismuth subnitrite and examined with a JEOL 1010 electron
microscope fitted with a Hamamatsu digital camera and AMT imaging software.
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Image Analysis
Scanning electron micrographs were segmented and analyzed using the following
procedure that was implemented in Mathematica (Wolfram Research Inc., Champagne,
IL). A series of elongated Laplace of Gaussian (eLoG) filters at different orientations
were generated by convolving elongated Gaussian kernels (i.e. two-dimensional
Gaussians with a larger standard deviation in one direction than in the orthogonal
direction) with an approximation of a Laplacian. Images were convolved with the eLoG
filters at each orientation generating a series of filtered images. A maximum response
image was constructed by taking the maximum over the filtered images at each pixel.
The inset images shown in Fig. 3B are thresholded versions of the maximum response
images that have been color-coded according to the orientation of the eLoG that gave the
maximum response at each pixel. The orientation of the eLoG that gave the maximum
response is defined as that pixel’s orientation and it is the distribution of these pixel
orientations that is used to calculate the orientational order parameter as <cos(2")>,
where the average is over the orientation distribution.

Small Angle X-ray Scattering (SAXS)
Samples were clamped in a custom built chamber to prevent them from being exposed to
the vacuum of the X-ray apparatus and drying. The chamber consists of a box with one
removable face, sealed with a rubber o-ring. Inside the box is a linear device for strain
adjustment with metal clips to hold the clots. Rubber pads are used to protect the clots
from the metal clips. Beryllium windows are stuck into rectangular holes in the faces of
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the box using vacuum resistant epoxy to allow X-rays to pass into and out of the
chamber. The SAXS apparatus uses a Bruker Nonius FR591 rotating-anode X-ray
generator, doubly-focusing mirror-monochromator optics, and a Bruker Hi-Star multiwire
detector. Before each experiment the instrument was calibrated using a silver behenate
standard. Data analysis was performed using Datasqueeze 2.1
(http://www.datasqueezesoftware.com/).
These SAXS measurements on fibrin yield a ~22 nm repeat. Although earlier
measurements on fibrin films suggested that this spacing increased with stretching [30],
the lower resolution and signal to noise ratio in these data make peak assignment
difficult. Furthermore, the preparation of the fibrin films involved substantial long-term
compression, so these conclusions do not apply directly to fully hydrated networks as
studied here.
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Figure 5: Determining dimensions (on the left) and protein content (on the right) of unstretched vs. stretched clots. The boundaries
of the fiducial marks are determined manually in NIH ImageJ for each image taken during the tensile test (yellow marks). The
longitudinal strain is calculated from the distance between the centers of two fiducial marks. The centers are defined as the
average vertical position of the top and bottom yellow dots. Changes in sample width are determined from the manually determined
lateral dimensions.
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Figure 6: Forced unfolding of single protofibrils by atomic force microscopy (AFM) using an image-pull-image protocol. (A) AFM
height image of fibrin protofibrils adsorbed on a mica surface in buffer. (B) An expanded view of the protofibril marked by the black
box in (A) that was probed in force-mode at the location shown by the black arrow. Several force curves were recorded between the
before and after images with a typical extended length of 200 nm, which is indicated by the small scale bars in each image. After
smoothing and zeroing the background, the images were subtracted to generate the difference image shown at the right. Given the
large size of the protofibrils compared to structures that are normally pulled using AFM, these measurements push the limits of what is
possible using non-specific adsorption to attach the tip to the sample and this is reflected by the relatively small difference between the
before and after images. Nonetheless, there is a larger difference at the end of the extended region in the top-right part of the image
and the corresponding force-extension curves (C) show a characteristic repeat of around 23 nm. This is the distance expected for
coiled-coil unfolding, as observed previously for simpler end-to-end oligomers. (D) Histogram of peak-to-peak distances observed in
several force curves with a peak around 23 nm. Thus, the more complex interactions in protofibrils do not affect the previously
observed result that the coiled-coils unfold before the other fibrin domains under force and that this unfolding occurs in an all-ornothing manner.
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Figure 7: Schematic of proposed mechanism of volume decrease and water expulsion. Partial segments of two adjacent protofibrils
are depicted with the surrounding water shown in blue. Hydrophobic side chains are exposed during unfolding and aggregate.
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Figure 8: Force relaxation measurements on a buffer-immersed clot. Strain was increased rapidly and then held constant while the
force was monitored. The relaxation portion of the curves is fit well with a double exponential with a fast (~2 s) a slow (~25 s) decay
rate. Taking the plateau values of the force from the fits as a function of strain produces a force-extension curve that overlays well
with the force extension curve collected with a constant rate, slower strain ramp.
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Polyacrylamide

Fibrin

Figure 9: Comparison of volume change for polyacrylamide (PA) and fibrin. PA gels are made of flexible chains connected by
covalent crosslinks that strain linearly over a large range. These materials display normal compressibility and therefore increase
slightly in volume when stretched. Fibrin is shown for comparison displaying a large decrease in relative volume.
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Modeling of fibrin mechanics
In this section we describe three different methods to obtain the constitutive relation for a
network of fibrin fibers. The first method is based on the eight-chain model of Qi et al.
[30] (see Fig. 10(b)), the second, on the three-chain model [31] which is an older version
of the eight-chain model (see Fig. 10(a)), and the third is based on the isotropic network
model of Storm et al. [32]. All these methods were developed to describe the behavior of
random isotropic networks of fibers, such as elastomers and biological gels, all assume
affine deformations, and all consider the networks as being incompressible. These
methods have been successfully applied to many biological and non-biological polymers
with widely different structures. Thus, it is appropriate to apply them to the fibrin clot,
which is an isotropic network of branched fibers, typically with three fibers joined at each
branch point (Fig. 11).
These network models have a long history [33] dating back to the 1940s when it was
recognized that the elasticity of rubber has its origins in the changing configurational
entropy of stretched chains. In particular, it was found that the response of an isotropic
network of n randomly oriented chains per unit volume is identical to that of n/3 single
chains in three orthogonal directions (three-chain model, see Fig. 10(a)). The three-chain
model was in widespread use until the early 1990s when Arruda and Boyce found that this
model was unable to capture the deformation dependence of strain-hardening in some
polymers. Arruda and Boyce [34] then proposed the eight-chain model which gave much
better agreement with experiments and has since been used to interpret experiments on
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biopolymer networks. The isotropic network model of Storm et al. has also been used to
interpret experiments on biopolymer networks and relies on a knowledge of the spatial
distribution of chain orientations as in Wu and van der Giessen [33] and numerous other
earlier works. A detailed study comparing these three models has determined that
approximations based on the three- and eight-chain models agree very well with the
predictions of the isotropic network model over the entire range of strains [33].
(a)

(c)

(b)

stretched fiber

fiber
fiber

Figure 10: Models for isotropic networks. (a) In the three-chain model three chains are aligned along
the sides of a cube. The strain energy stored in the chains upon deformation can be used to calculate the
strain-energy density of the deformed cube. (b) In the eight-chain model eight chains connect the vertices of
cube to the body center. The strain energy density of the cube is computed in a similar way. Note that the
geometry of the models need not correspond to the actual geometry of the networks. (c) An eight-chain cube
in a deformed state in which there is stretching in the longitudinal direction and contraction along the other
two orthogonal directions.

The model of Qi et al. [30] connects the microscopic mechanics of the fibers to the
macroscopic behavior of the network by constructing a cube each of whose eight vertices
is connected to the body center through a fiber (see Fig. 10(b)). For a given state of strain
the strain energy density of this cube is assumed to be equal to the strain energy density of
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Figure 11: A three-dimensional reconstruction of a hydrated fibrin network obtained using fluorescent confocal microscopy by A. Stout, K. Gersh, and J. Weisel (Dept. of Cell and Developmental
Biology, School of Medicine, University of Pennsylvania, Philadelphia.).

the network. But, the strain energy density of the cube can be explicitly written in terms of
the energy stored in the eight deformed fibers allowing us to connect the macroscopic
network parameters to the microscopic behavior of the fibers. The strain-energy density in
the three-chain model is evaluated along similar lines except that the fibers are oriented
along three perpendicular directions (see Fig. 10(b)). These models are not based on the
microscopic structure of the network. However, the eight-chain model has been shown to
accurately describe other random networks [35], such as, those of actin filaments and
rubbers. On the other hand, the isotropic network model of Storm et al. [32] is more
physically realistic and is motivated by the observation that fibers in an isotropic network
are equally likely to be oriented along any direction. Therefore, Storm et al. [32] connect
the network stress-strain behavior to the fiber force-extension relation by integrating over
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all possible fiber orientations. However, an important advantage of the three- and
eight-chain models is that they provide analytical expressions that can be fitted to the
experimental data, where as, the isotropic network model can only be implemented
computationally.
An important feature of fibrin networks is that their deformation is accompanied by
significant changes in volume. None of the models mentioned above accounts for these
effects. It is straight forward to modify the eight-chain model and three-chain model to
account for volume changes, but it is not immediately apparent how to do so in isotropic
network model of Storm et al. [32]. In the following we describe all these methods and
show how we can use them to interpret experimental data.
Eight-chain model
As a model for a random network we first describe the eight chain cube of Qi et al. [30].
Each chain or fiber extends from the center of the cube to one of its vertices. The
reference (undeformed) length of each fiber is L and the side of the undeformed cube is a,
so that L =

√
3
2 a.

The cube suffers large deformations in response to an applied stress.

After deformation, the sides of the cube are uniformly stretched by λ1 , λ2 and λ3 . Hence,
the length of each fiber after deformation is λc L where
3λ2c = λ21 + λ22 + λ23 .

(1)

Let the strain-energy stored in each fiber due to the deformation be G(λc )L where G(λc ) is
the strain energy per unit reference length of the fiber. Then the force-extension relation of
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the fiber is given by
F(λc ) =

dG
.
dλc

(2)

The contribution to the strain energy per unit reference volume due to the deformation of
the fibers is given by
U1 = νLG(λc ),
where ν =

√
3 3
L3

(3)

is the number of fibers per unit reference volume. The volume of the cube

changes after deformation. If V is the reference volume and ∆V is the deformed volume
then

∆V
V

= λ1 λ2 λ3 − 1. Let U2 = g(λ1 λ2 λ3 ) be the contribution to the strain energy per

unit reference volume due to volume changes. Then the total strain energy per unit
reference volume of a network consisting of these eight chain cubes is given by
U = U1 +U2 = νLG(λc ) + g(λ1 λ2 λ3 ).

(4)

Similar expressions for the network strain energy density were given by Flory [36] and
others.
Now, let F =

∂y
∂x

be the deformation gradient tensor, where y is the deformed position of a

particle whose reference position is x. Then the right Cauchy-Green strain tensor is
defined as C = FT F. If we work in principal co-ordinates then it is easy to see that
C11 = λ21 ,

C22 = λ22 ,

C33 = λ23 ,

C12 = C13 = C23 = 0.

(5)

From the principles of continuum mechanics it is known that the second Piola-Kirchhoff
stress tensor S (applied force mapped to the reference configuration divided by the
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reference area) is work conjugate to the right Cauchy-Green strain tensor C [30]. In other
words,
S11 =

∂U
,
∂C11

S22 =

∂U
,
∂C22

S33 =

∂U
.
∂C33

(6)

The shear stresses are zero since we are working in principal co-ordinates and assuming
that the network is isotropic due to randomness. By the use of the chain rule we find that
νLF(λc ) λ1 λ2 λ3
+
f (λ1 λ2 λ3 ),
6λc
2λ21
νLF(λc ) λ1 λ2 λ3
=
+
f (λ1 λ2 λ3 ),
6λc
2λ22
νLF(λc ) λ1 λ2 λ3
=
+
f (λ1 λ2 λ3 ),
6λc
2λ23

S11 =

(7)

S22

(8)

S33

(9)

where f (p) = g# (p). The Cauchy stress σ (applied force in the deformed configuration
divided by area in the deformed configuration) is given by σ =

1
T
det(F) FSF .

Hence, the

components of the Cauchy stress are:
λ21
λ21 νLF(λc ) 1
S11 =
+ f (λ1 λ2 λ3 ),
λ1 λ2 λ3
λ1 λ2 λ3 6λc
2
2
2
λ2
λ2 νLF(λc ) 1
σ22 =
S22 =
+ f (λ1 λ2 λ3 ),
λ1 λ2 λ3
λ1 λ2 λ3 6λc
2
2
2
λ3
λ3 νLF(λc ) 1
σ33 =
S33 =
+ f (λ1 λ2 λ3 ),
λ1 λ2 λ3
λ1 λ2 λ3 6λc
2
σ11 =

σ12 = σ13 = σ23 = 0.

(10)
(11)
(12)
(13)

At this point we consider a uniaxial tension test on a cylindrical specimen. The force fap
is applied along the e1 direction. We therefore set σ22 = σ33 = 0 and λ2 = λ3 = λ∗ in the
expressions above. This immediately shows that
1
1 νLF(λc )
f (λ1 λ2∗ ) = −
,
2
λ1 6λc
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(14)

and,
σ11 =

!

λ1
1
−
2
λ∗ λ1

"

νLF(λc )
6λc

(15)

If the radius of the cylinder in the reference configuration is R0 then its deformed radius is
λ∗ R0 and the applied force is given by
!
"
λ2∗ πR20 νLF(λc )
2 2
fap = πλ∗ R0 σ11 = λ1 −
,
λ1
6λc

λc =

#

λ21 + 2λ2∗
.
3

(16)

In an experiment λ1 and λ∗ can both be measured as a function of the applied force fap .
The initial radius R0 of the specimen, the initial number of fibers per unit volume ν, and
the average length of the fiber L between branch points is known. Hence, we can
determine F(λc ) which is the force-extension relation of the fibers. Or, if F(λc ) is given
then we can predict the force-extension relation of a network specimen. In a subsequent
section we will consider a special type of force-extension relation which is suitable when
the fiber unfolds under large forces.
Before we move to the next section we also give expressions for another important
observable tracked in the experiment – the order parameter cos 2θ as a function of the
longitudinal stretch λ1 or the applied force fap , where θ is the angle made by the e1 -e2
projection of a fiber to the e1 direction. In terms of our variables

so that

λ1
cos θ = $
,
λ21 + λ2∗
cos 2θ = 2 cos2 θ − 1 =
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λ21 − λ2∗
.
λ21 + λ2∗

(17)

(18)

Finally, we can also compute the compressibility of the network. The compressibility is
defined as
K=−

1 dV
V dP

(19)

where V is the current volume of the network and P is the pressure. In our case there is
uniaxial tension so that P = − 13 tr(σ) = − σ311 where σ11 is a Cauchy stress that has been
% &
V V0
calculated above. We can write dV
=
d
V
V0 V where V0 is volume of the network in the
reference configuation. But, we recognise that

V
V0

= λ1 λ2∗ is nothing but the relative

volume, so that K = − λ 1λ2 × (slope of the relative volume vs. pressure curve). For the
1 ∗

tensile testing reported here the pressure is negative and we observe a decrease in the clot
volume during extension. This leads to a negative compressibility (see main text) for
certain values of the strain. Such negative compressibilities, although possibly
counterintuitive, are not unprecedented (see, for example,[37, 38]).
Stress-strain behavior of a random network of linear fibers
Consider a random isotropic network of fibers of length L and cross-sectional area A. The
force extension relation of the fibers is linear so that
F(λc ) = EA(λc − 1),

(20)

where E is the Young’s modulus. If a network of these fibers is subjected to a uniaxial
tension test along the e1 direction then ‘engineering stress’ s11 can be calculated from (16)
as

!
"!
"
fap
νLEA
λ2∗
1
s11 = 2 =
λ1 −
1−
,
6
λ1
λc
πR0
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λc =

#

λ21 + 2λ2∗
.
3

(21)
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Figure 12: Eight-chain model applied to collagen networks. A linear force-extension relation for
the collagen fibers seems to be adequate to model the network stress-strain response up to a stretch
of about 1.35. The experimental data is obtained from Roeder et al. [39]. The solid lines are
obtained from the eight-chain model with linear fibers. We use a fiber diameter of 435nm and a
length of 10µm. The values of E and ν are less certain but we use E = 80MPa and ν = 0.006µm−3
to obtain the solid lines.

If we further assume that the volume of the network does not change then λ∗ = √1 and
λ1

we get

!
"!
"
νLEA
1
1
s11 =
λ1 − 2
1−
,
6
λc
λ1

λc =

#

λ31 + 2
.
3λ1

(22)

This model seems to be adequate to account for the stress-strain behavior of collagen
networks (see Fig. 12) up to a stretch of 1.35. For higher stretches it is possible that some
of the fibers already begin to rupture causing the stress to deviate from the predictions of
the linear model. The experimental data shown in Fig. 12 is obtained from Roeder et al.
[39]. They find an average fiber diameter around 435nm and we estimate an average
L ≈ 10µm from their images. They do not give estimates of ν or E, but we obtain a good
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fit to their data if we use ν ≈ 0.006µm−3 and E = 80MPa [40]. It is interesting to note that
the collagen networks studied by Roeder et al. [39] were found to rupture at a stretch of
about 1.6 which is slightly larger than the stretch λ1 = 1.5707, which would result if fibers
of equal length oriented randomly in a network were to align with the e1 axis. This
suggests that most of the strain is accomodated by aligning of the fibers along the loading
direction; hence, the fibers do not stretch much, which could be the reason why a linear
force-extension relation for collagen fibers is adequate. On the other hand, fibrin networks
can sustain much larger strains (λ1 > 3) before rupture. The fibrin fibers are known to
have Young’s moduli around 15MPa [41] and diameters around 200nm which are similar
to the values we used for collagen fibers. Our analysis in this section suggests that a linear
force-extension relation for fibrin fibers with these parameter values will not be able to
give strains around λ1 = 3 that we observe in experiments.
Force-extension relation of a fiber with unfolding
When a large force is applied to a fibrin fiber it unfolds. For small forces the
force-extension relation is linear. In fact, the Young’s modulus E of fibrin fibers in a clot
has been measured for small forces and a typical value for ligated fibrin is in the range of
E = 14.5MPa [41]. Hence, the force-extension relation for fibrin at low forces can be
written as

!
"
F
xf = λf Lf = Lf 1+
,
EA

(23)

where A is the cross-sectional area of the fiber, x f is the end-to-end distance after
deformation, and L f is the reference (undeformed) length. After unfolding at large forces,
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fibrin is assumed to behave like a worm-like-chain (WLC) polymer. In this state the
force-extension relation is given by
xu = λu Lu = Lu

)
√
kB T N
,
1− (
2 ξ pF

'

(24)

where ξ p is a persistence length, N is the number of fibrin molecules making up a single
fiber, and Lu is the contour length of the fibrinogen molecules. A similar but much simpler
version of such a model had been developed to explain enhanced fluctuations in the red
blood cell’s spectrin network that could be measured upon cell stretching [42]. We note
that the force-extension relation in both phases has been written with F as the independent
variable. This is convenient since we will use a two-state equilibrium model in which the
fraction of each state is written as a function of the applied force. Our two-state model
will have the folded fibrin as the (preferred) low free energy equilibrium state at zero force
and the unfolded fibrin as the high free energy equilibrium state at zero force. Let the
difference in free-energy between these states be ∆Π and the separation between the
energy wells corresponding to these states be ∆z. Then the ratio of the number of
fibrinogen molecules (which make up a fibrin fiber) in the unfolded state to those in the
folded state at equilibrium is
∆Π − F∆z
Nu
N
= exp(−
).
Nf
kB T

(25)

Hence, the fractions n f and nu of folded and unfolded molecules are respectively
nf =

1
1 + exp(−

∆Π− F∆z
N
kB T )
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,

nu = 1 − n f .

(26)

It then follows that the force-extension relation for such a fibrin fiber is given by
)
'
√
!
"
F
kB T N
x = x f + xu = n f (F)L f 1 +
+ nu (F)Lu 1 − (
.
EA
2 ξ pF

(27)

In terms of the stretch with respect to the (undeformed) reference length of the fibrin fiber
we have

)
'
√
!
"
Lu
x
F
kB T N
+ nu (F)
1− (
λ=
= n f (F) 1 +
.
Lf
EA
Lf
2 ξ pF

(28)

The force-extension relation (28) for a single fibrin fiber is the input to (16) which gives
the force-extension relation of the fibrin network. But, this still leaves λ∗ undetermined.
For a network that does not change volume λ∗ = √1 . But, fibrin networks change their
λ1

volume when they are subjected to large strains. In order to account for this, we first note
that the volume occupied by a network contains both fibers and solvent molecules. Also,
the network volume stays constant for stretches greater than 1.7 even though the order
paramater cos(2θ) (or the shape of the voids) changes in this regime. Based on this
observation, we hypothesize that network volume changes occur in parallel with fiber
unfolding and not when the fibers are in the fully folded or unfolded state. Assuming
further that volume occupied by the fibers and solvent in the folded and unfolded states is
proportional to the fractions of folded and unfolded fibrin respectively, we can say that the
ratio of volume after deformation to the reference (undeformed) volume is simply
λ1 λ2∗ = n f +C3 nu ,

(29)

where C3 is the ratio of network (fiber + solvent) volumes in the fully folded and fully
unfolded configurations. We can combine this equation with 3λ2c = λ21 + 2λ2∗ to get the
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following cubic equation for λ1 :
λ31 − 3λ1 λ2c + 2(n f +C3 nu ) = 0.

(30)

Note that n f and nu can be written in terms of λc through F. C3 can be inferred from the
experimental data and hence the above is an equation for λ1 which can be solved by
Cardan’s method. λ∗ can then be determined from (29). Cardan’s solution to
α3 + qα + r = 0 are the three numbers
'
)1/3 '
)1/3
*
*
2
3
2
3
r
r
q
r
r
q
α= − +
+
+ − −
+
.
2
4 27
2
4 27

(31)

For determining λ1 we substitute q = −3λ2c and r = 2(n f +C3 nu ).
Three-chain model
The three-chain model can also describe the behavior of random isotropic networks. The
framework for obtaining the strain energy density in this model is similar to that for the
eight-chain model. The difference lies in the expression for λc . If we assume that a
cylindrical network is strteched along the e1 direction, then for the three-chain model:
λc = λ1 ,

λ2 = λ3 = λ∗ .

(32)

If the radius of the cylinder in the reference configuration is R0 then its deformed radius is
λ∗ R0 and the applied force is given by
fap = πλ2∗ R20 σ11
And,

!
"
λ2∗ πR20 νLF(λc )
= λ1 −
,
λ1
6λc

λc = λ1 .

'
)
√
!
"
F
Lu
kB T N
λ1 = λc = n f (F) 1 +
+ nu (F)
1− (
,
EA
Lf
2 ξ pF
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(33)

(34)

where n f and nu are given by (26) as before. Also, as before λ∗ can be computed using
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Figure 13: Results of the eight-chain model. (a) The force-extension data is reasonably fit with
the eight-chain model assuming that a single fibrin fiber behaves linearly (folded state) for low
strains and as a WLC (unfolded state) for large strains. The parameters are based on a knowledge
of the Young’s modulus in the folded state [41] and the persistence length of fibrinogen [43] in the
unfolded state. (b) The order parameter cos 2θ tends to 1 for large strains. This implies that most of
the fibers are aligned with the direction of the applied force at large strains.

Network parameters and comparison with experiments
The network structural parameters in the unstretched state that are used as inputs for these
models are estimated by comparing our electron microscope images and clot formation
conditions with earlier detailed measurements of clot structure [44]. At the
single-molecule level, force spectroscopy experiments provide an estimate of the free
energy difference ∆Π, the distance between the energy wells of the folded and unfolded
states ∆z, and the persistence length of the molecules once they have unfolded; however,
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since intermolecular interactions in the clot could alter these parameters from their
single-molecule values, we have chosen to take the free energy difference and this
distance to be free parameters. Force spectroscopy of fibrin protofibrils suggests that
while the values of the energy landscape parameters may change, the two-state model of
coiled-coil unfolding that was found for end-to-end linked fibrinogen is also applicable to
half-staggered side-to-side associated fibrin (Fig. 6).
The fibrin network in our experiments consists of ligated fibers that are assumed to have
an average diameter of 185nm and an average length L = 20µm between branch points.
Assuming a Young’s modulus of 14.5MPa [41] this corresponds to a stiffness
k = EA = 3.87 × 105 pN in the folded phase. For the unfolded phase of the individual
fibrinogen chains we use ξ p = 0.8nm [43]. The ratio of contour lengths of the fibrinogen
chains in the unfolded phase to that in the folded phase,

Lu
Lf

≈ 2.1, based on the

experiments of Brown et al. [43]. The fiber density is assumed to be 5 × 10−1 µm−3 and
the initial radius, R0 , of the specimens is about 1mm, so that

πR20 νL
6

≈ 10−5 (see eqn.(16)).

In the experiments we observe a dramatic reduction in the volume of the network after
deformation. The volume of the fully unfolded network is about 10% of the volume in the
reference configuration, so that C3 ≈ 0.1.
We need an estimate for N, the number of fibrin molecules (protofibrils) making up a
fibrin fiber. We assume that the protofibrils have a circular cross-section of diameter d and
are packed in such a way that the cross-section of each protofibril is surrounded by six
other protofibrils making up a hexagonal lattice over the diameter D of the fibrin fiber.
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The protofibrils are loosely packed since the fibrin fibers have 20% protein content. But, if
we assume, for the sake of simplicity, that the protofibrils are close packed then from
elementary geometry we know that the fraction of area occupied by the cross-sections of
the close packed protofibrils is

π
√
.
2 3

Hence, we estimate N =

π D2
√
.
2 3 d2

If we assume that

2

only 20% of the area is occupied by protofibrils then N = 0.2 Dd 2 . We chose an average
value of D = 185nm. We can obtain estimates for d either from micrographs or from a
knowledge of its molecular weight which is 340,000 g/mole. Taking a canonical value of
0.73 cm3 /g for the specific volume of proteins we estimate the volume occupied by a
single fibrinogen molecule is 410nm3 . Fibrin molecules in the protofibril are
half-staggered, so that there are two half molecules or the equivalent of one full molecule
in each repeat of 22.5nm. Thus, the fibrinogen molecule can be thought of as a cylinder of
2

height h = 22.5nm [43] and diameter d so that π d4 = 410/22.5, which gives d ≈ 5nm.
Similar estimates of protofibril diameter can be obtained from the crystal structure of
fibrinogen [45] and estimates of the packing of protofibrils within the fiber [46, 47]. From
this we estimate N ≈ 1240. We use a value for N ≈ 1200 in all our calculations.
This leaves the free energy difference ∆Π and the separation ∆z as fitting parameters. We
find that ∆Π = 16.5kT and ∆z = 19.2nm fits the force-extension data reasonably well
except for very large strains (see Fig. 13(a)). The same parameters also fit the data for
volume change as a function of λ1 as seen from Fig. 14(b). Also shown in these figures
are the order parameter (Fig. 13(b)) and the fraction of folded and unfolded fibrinogen
molecules (Fig. 14(a)) as functions of λ1 .
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Figure 14: Change in the network volume. (a) At low strains there is no unfolding in the fibrin
fiber as indicated by the folded fraction n f . Most of the fibers are completely unfolded at a stretch
of 1.8. (b) The transverse stretch λ∗ determines the volume change in the network through the
expression λ1 λ2∗ which is the ratio of current to reference volume. The curve is generated assuming
λ1 λ2∗ = n f + 0.1nu where n f and nu are the fraction of folded and unfolded fibrinogen molecules.
The transverse stretch for an incompressible material is also shown as a function of λ1 . Fibrin seems
to behave like an ultra-compressible material due to protein unfolding.

We also checked how well a three-chain model can fit the data for a similar set of
parameters as used for the eight-chain model. In particular, we used k = 3.87 × 105 pN,
ξ p = 0.8nm,

Lu
Lf

= 3.12, ∆Π == 19.2kT , ∆z = 15.2nm while ν, R0 , N and L are exactly

the same as in the eight-chain model. The results of this exercise appear in Fig. 15 and
suggest that the three-chain model can also give reasonable fits to the data force as well as
volume change as a function of applied stretch.
A few comments about the observed volume change and its relation to unfolding are in
order. We measure the fraction of cross-sectional area occupied by the fibers and observe
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Figure 15: Results of the three-chain model. (a) We obtain reasonable fits to the force-extension
data using a three-chain model with parameters similar to those used for the eight-chain model. The
Young’s modulus of the fibers in the folded state, the persistence length of fibrinogen in the unfolded
state, the network density and the free energy difference ∆Π used in in this calculation are exactly
the same as those used in the eight-chain model. (b) The data for transverse stretch are also well fit
by the same parameters.

bundling at large values of λ1 (see Fig. 3D of the main text). For instance, if Ai is the total
cross-sectional area of the fibers at λ1 = 1 (and λ∗ = 1), we find

Ai
πR20

= 0.08. Similarly, if

A f is the total area of cross-section of the fibers at λ1 = 3.0 (and λ∗ ≈ 0.2), we find
Af
πλ2∗ R20

≈ 0.38. This implies that

Af
Ai

≈ 0.19. If the total volume occupied by the fibrin fibers

did not change (as would be the case with no unfolding) then we would expect that
Af
Ai

=

1
λf

where λ f is an average stretch of the fibers. Since the fibers are nearly aligned

with the e1 axis at λ1 = 3.0 (see Fig. 3C of main text) we could take λ f ≈ 3.0 which gives
Af
Ai

≈ 0.33 if the fiber volume did not change. Based on the eight-chain model, we could
$
A
also choose λ f = λc = (λ21 + 2λ2∗ )/3 ≈ 1.74 and get Aif ≈ 0.57 if the volume of the fiber
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did not change. The number obtained from our measurement is much smaller than this,
implying that the amino-acids constituting the fibers have undergone some spatial
rearrangment to occupy a smaller volume at large stretches. This is consistent with our
idea that the fibrin fibers unfold at large stretches.
Isotropic network model
Isotropic networks of fibers can also be studied using the model of Storm et al. [32].
According to this model the Cauchy stress σi j is given by
σi j =

Fil rl Fjk rk
ν
'F(|Fr|)
(P(r) ,
det(F)
|Fr|

(35)

where ν is the number of fibers per unit volume, F(|Fr|) is the force-extension relation of
individual fibers, and P(r) is the probability distribution function for end-to-end vectors r
of the fibers in the unstressed configuration. We will assume that the end-to-end vectors r
in the unstressed configuration are all such that |r| = L which is the unstressed length of
the fibers in the folded state. Assuming a spherical coordinate system, this means that
P(r) = P(r, φ, θ) is independent of the φ and θ and is a delta function centered around
r = L. Assuming a cylindrical specimen with the axis e1 pointing along the direction of
the applied force we write the components of the deformation gradient tensor:
F11 = λ1 ,

F22 = F33 = λ∗ ,

F12 = F13 = F23 = 0.

(36)

By expanding the expression for the stress we see that the normal stresses are
σ11 =

$
λ21 r12
ν
2 r 2 + λ2 (r 2 + r 2 )) $
'F(
λ
(P(r) ,
∗ 2
1 1
3
λ1 λ2∗
2
2
2
2
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λ r + λ (r + r )
1 1
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Figure 16: Results of the isotropic network model. (a) The force-extension relation for an individual
fibrin fiber with unfolding, and properties EA = 1.0 × 103 pN, ξ p = 2.2nm and
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Lf

= 3.53. (b) The

network force-extension curve resulting from using the λ∗ –λ1 relation shown in Fig. 14(b) and the
force-extension relation shown in Fig. 16(a) as an input to the isotropic network model. The fit is
as good as the one obtained from the eight-chain model and shown in Fig. 13(a). The reason for
the low value of k used in this figure is our unrealistic assumption that fibers behave linearly in
compression. Allowing for buckling of fibers in compression and using k = 3.87 × 105 pN gives
force-extension curves that are close to the one above (see Fig. 17).
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Similarly, the shear stresses are given by
σ21
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From a knowledge of the probability distribution function P(r) we are constrained to pick
(r1 , r2 , r3 ) on the surface of sphere of radius L. Hence, we take
r1 = L cos φ,

r2 = L sin φ sin θ,

r3 = L sin φ cos θ,

(43)

where 0 ≤ φ ≤ π and 0 ≤ θ ≤ 2π. Then we can immediately write for the normal stresses
σ11
σ22
σ33

$
cos2 φ sin φ
F( λ21 cos2 φ + λ2∗ sin2 φ) $
dθ dφ, (44)
0 0
λ21 cos2 φ + λ2∗ sin2 φ
Z π Z 2π $
νLλ2∗
sin3 φ sin2 θ
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λ
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2 sin2 φ + λ2 cos2 φ) $ sin φ cos θ
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And for the shear stresses we see that
σ21
σ31
σ32

$
cos φ sin2 φ sin θ
F( λ21 cos2 φ + λ2∗ sin2 φ) $
dθ dφ, (47)
0 0
λ21 cos2 φ + λ2∗ sin2 φ
Z Z
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νLλ1 λ∗ π 2π
cos φ sin2 φL cos θ
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2
2
=
F( λ1 cos φ + λ∗ sin φ) $
dθ dφ, (48)
4πλ1 λ2∗ 0 0
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3
νLλ2∗
2 sin2 φ + λ2 cos2 φ) $ sin φ sin 2θ
λ
dθ dφ, (49)
=
F(
∗
1
8πλ1 λ2∗ 0 0
2
2
2
2
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νLλ1 λ∗
=
4πλ1 λ2∗

Z π Z 2π

with σ21 = σ31 = σ32 = 0. The shear stresses are zero as expected but the normal stresses
σ22 and σ33 are not. However, we remember that the volume of the network changes as a
function of the applied stretch due to unfolding. We assume here that the function
describing the change in volume with λ1 is known, or equivalently, λ∗ is known as a
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function of λ1 . Hence, the stresses are determined only up to a hydrostatic component
p(λ1 )I. The pressure p(λ1 ) is determined by the condition that σ22 = σ33 = 0 since there
are no forces applied in the e2 and e3 directions. Accounting for this fact and integrating
over θ in (44), (45) and (46) we are left with
$
cos2 φ sin φ
dφ + p, (50)
F( λ21 cos2 φ + λ2∗ sin2 φ) $
2
0
2
2
2
λ1 cos φ + λ∗ sin φ
Z π $
νL
sin3 φ
=
F( λ21 cos2 φ + λ2∗ sin2 φ) $
dφ + p (51)
4λ1 0
2
2
2
2
λ1 cos φ + λ∗ sin φ

σ11 =
σ22 = σ33

νLλ1
2λ2∗

Z π

The final integration over φ can be done numerically as follows. For each φ and given λ1

we find a F such that (28) is satisfied with λ2 = λ21 sin2 φ + λ2∗ cos2 φ. Then we plug this F
into the integrands and compute the sum over all values of φ. By repeating this procedure
for all values of λ1 we will be able to plot the stress-stretch relation. p is determined by
setting σ22 = 0. Hence, we see that the applied force
$
"
Z π F( λ2 cos2 φ + λ2 sin2 φ) !
∗
λ1
λ2∗
1
2
3
2 2
2
$
fap = πR0 λ∗ σ11 = πR0 νL
cos φ sin φ −
sin φ dφ.
2
4λ
2
0
2
1
2
2
λ1 cos φ + λ∗ sin φ
(52)
Note that λ∗ ≤ λ ≤ λ1 , where we know that λ∗ < 1. This means that for some values of φ
we will get λ < 1 which in turn implies that some fibers may be in compression. These
fibers could buckle; but in this paper we assume that they simply get compressed and the
compressive force is given by the linear force-extension relation of the fully folded fibrin
fiber.
When we carry out the integrations above with the parameter values used in the
‘eight-chain model’ we find that the network force-extension curve does not capture the
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Figure 17: Comparison of the force-extension curves predicted by the isotropic network model
with and without buckling. Allowing for buckling and setting k = 3.87 × 105 pN gives curves that
are close to curves from Fig. 16(b).

trend seen in the experimental data. The experimental data can, however, be fit (except for
very large strains) with a different set of values – k = EA = 1.0 × 103 pN, ξ p = 2.2nm,
Lu
Lf

= 3.53, ∆Π = 2.0kT and ∆z = 6.8nm – while keeping ν, R0 , L and N the same as

before. Note that the Young’s modulus in the fully folded phase is almost three orders of
magnitude smaller in this case. The reason for this is our unrealistic assumption that the
fibers behave linearly in compression; instead, setting the force in a fiber to zero for λ < 1
(to crudely account for buckling) and setting k = 3.87 × 105 pN (used in the eight-chain
and three-chain models) with all other parameters exactly as above leads to
force-extension curves that are close to those in the experiment (see Fig. 17). This
suggests that allowing for buckling of fibers in compression within the isotropic network
model brings its predictions in agreement with those of the eight-chain and three-chain
models for similar network parameters.
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In summary, the models of both Qi et al. [30] and Storm et al. [32] are able to capture the
trends in the network force-extension data if we account for (a) change in network
volume, and (b) the unfolding of individual fibers. The model of Storm et al. [32] requires
additionally that we set the force in compressed fibers to zero to allow the use of measured
fiber stiffnesses to fit the data.
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Chapter 4

Summary
Cross-correlated TIRF/AFM reveals asymmetric distribution of force-generating
heads along self-assembled, 'synthetic' Myosin filaments
Myosin-II's rod-like tail drives filament assembly with a head arrangement that is often
considered to be a symmetric bipole that generates equal and opposite contractile forces
on actin. Self-assembled myosin filaments are shown here to be asymmetric in
physiological buffer based on cross-correlated images from both atomic force microscopy
(AFM) and total internal reflection fluorescence (TIRF). Quantitative cross-correlation
of these orthogonal methods produces structural information unavailable to either method
alone in showing that fluorescence intensity along the filament length is proportional to
height. This implies that myosin heads form a shell around the filament axis, consistent
with F-actin binding. A motor density of ~50-100 heads/micron is further estimated but
with an average of 32% more motors on one half of any given filament compared to the
other, regardless of length. A purely entropic pyramidal lattice model is developed and
mapped onto the Dyck paths problem that qualitatively captures this lack of length
dependence and the distribution of filament asymmetries. Such strongly asymmetric
bipoles are likely to produce an imbalanced contractile force in cells and in actin-myosin
gels, and thereby contribute to motility as well as cytoskeletal tension.
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Introduction
Myosin-II molecules are found in contractile ‘bipolar’ filaments in cell types that range
from striated muscle to stem cells [1]. A number of these myosin-IIs are also known to
self-assemble in vitro into active bipolar filaments, and both the structure and assembly
characteristics of such ‘synthetic’ filaments have been intensively studied for several
decades—including recent work with AFM [2, 3]—with most studies focusing on
skeletal muscle myosin [4]. Synthetic filaments have also found use in in vitro motility
assays where it has been shown that myosin arranged into ordered filaments moves actin
filaments differently from single myosins randomly oriented on a surface [5-7]. More
recently, synthetic filaments have also been incorporated into cross-linked actin networks
to make “active gels” that might be considered in vitro mimics of cellular cytoskeletal
systems [8]. Because of the long interest in using synthetic filaments as model systems to
study the motility and contractility of myosin, further insight into filament properties
could be important. Myosin filaments already have many well-characterized structural
features and are therefore an excellent sample to develop ‘Cross-correlated TIRF/AFM’
in which two orthogonal imaging methods—based respectively on optics and
topography—are mathematically compared and fit to a model. This provides the dual
advantage of testing the reliability of the coupled method in a well-defined system while
also opening up the possibility of new insights into these important motor filaments. The
model of thick filament structure first suggested by Huxley in 1963 [9] proposed the 150
nm long rod domain of myosin assembles in the core of the filament with the heads
decorating the exterior of the filament—this model has stood the test of time. Many
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subsequent studies of myosin filament structure have focused on the mechanisms
governing the filament length distribution, which under certain conditions can be quite
close to the physiological length of 1.5 µm [10]. The narrow length distribution is not the
only feature that is important for muscle myosin filaments in vivo: they are found to be
highly symmetric, which seems appropriate for muscle contraction [11]. However,
while synthetic filaments have been shown to be bipolar in motility assays [6, 7], their
symmetry has not been sufficiently addressed before. In this paper, we combine single
molecule fluorescence in TIRF microscopy with AFM tapping mode imaging to study the
arrangement of myosin heads in synthetic filaments, showing that their symmetry is in
fact not strictly controlled.

Materials and Method
Myosin purification and fluorescence labeling
Myosin was prepared from rabbit skeletal muscle as described by Margossian & Lowey
[12]. Myosin molecules were covalently labeled with tetramethylrhodamine-5-maleimide
(Molecular Probes, Eugene, OR) or tetramethylrhodamine-5-iodoacetamide (AnaSpec,
San Jose, CA), under conditions that favor labeling at Cys-707 in the myosin head [13] at
~1:1 stoichiometry. Myosin in 40 mM KCl, 5 mM sodium phosphate, 0.1 mM tris(2carboxyethyl)phosphine, pH 7.0, was incubated at 4oC for 16 h with either
tetramethylrhodamine-5-maleimide or tetramethylrhodamine-5-iodoacetamide, at a ratio
of 1:1. The labeled myosin was recovered by centrifugation at 12,000g for 10 min and
was then redissolved in 0.6 M KCl, 10 mM imidazole-HCl, 2 mM MgCl2, 1 mM
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dithiothreitol, pH 7.0, and dialyzed against the same buffer. The myosin stock had a
concentration of 3.13 mg/ml and was stored in 50 % glycerol solution at –20oC.
Myosin filament preparation
Myosin from the stock was diluted 10 times in 300 mM KCl, 5 mM MgCl2, 10 mM
Hepes buffer at pH 7, and centrifuged at 100 000 rpm for 30 min at 40C to sediment any
aggregates leaving single myosin molecules in the supernatant. Filament preparation was
done by rapid mixing of myosin monomers in the supernatant solution with an equal
volume of polymerization buffer (5 mM MgCl2, 10 mM Hepes buffer at pH 7) or by
dialysis in which the polymerization buffer was added in 15 steps at 1 min intervals,
during continuous mixing of the sample. Samples were incubated for 30 min at room
temperature before storing on ice. Experiments were performed on the same day the
filaments were formed.
Sample preparation for TIRF/AFM
For AFM imaging, filaments from the polymerization vial were diluted 10 times in 150
mM KCl, 5 mM MgCl2, 10 mM Hepes buffer at pH 7. 1 ml of 1 mg/ml BSA was added
to 100 ml of this solution. 50 ml of this solution was then allowed to adhere to clean glass
slides that were spin-coated with poly(methyl methacrylate) (PMMA) (Sigma-Aldrich,
Saint Louis, MI, catalogue number: 370037) for 1 min. The sample was then gently
washed with the same buffer used for dilution.
Hybrid TIRF/AFM
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A Veeco Bioscope II AFM mounted on a Nikon TE 200 inverted optical microscope was
equipped with an Olympus oil immersion TIRF objective (60x magnification, 1.45
numerical aperture). Fluorescence was excited using a 300 mW 532 nm laser (B&W
TEK, Newark, DE) whose intensity was adjusted by rotating one of two crossed
polarizers to minimize photobleaching while still allowing for single molecule imaging
with a reasonable frame rate. The beam was then directed into the back of the
microscope from a mirror with an adjustable angle and converging lens used to control
the position of the beam within the objective and therefore the angle of incidence at the
sample coverslip. The incident angle was set to obtain strong reflection from the PMMA
water interface without cutting off the intensity at the objective back focal plane aperture.
Using an AFM tip coated with fluorescent protein, we measured the spatial decay length
of the evanescent field to be 140 nm (Appendix A), corresponding to an incident angle in
the glass of 63 degrees. Fluorescence images were collected on a 16 bit Cascade 512B
EMCCD camera (Photometrics, Tucson, AZ) with a frame rate of 50 ms. Each image
was 512 by 512 pixels with no additional binning.
AFM Imaging
All AFM imaging was done in buffer in tapping mode using either DNP-S or MSCT
silicon nitride cantilevers (Veeco, Santa Barbara, CA). Images were 512 by 512 pixels
large and were taken with a variety of tip velocities, usually around 10 µm/s. AFM
images were taken at regions of interest determined from previously captured TIRF
images based on the known tip location as determined from brightfield imaging of the
cantilever.
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Image Analysis
Registration was done manually based on the known region of interest determined from
the TIRF image before AFM imaging. Height and intensity profiles were measured along
the center line of the filaments using NIH ImageJ after the filaments had been
straightened using the Straighten plugin by Kocsis et al. [14]. The profiles show the
intensity at each point along the length without any averaging or interpolation between
pixels. All other analysis was performed using Mathematica (Wolfram Research,
Champagne, IL). The data for the height-intensity scaling plot (Fig. 3a) were taken from
the filaments shown in Fig. 2 and two others from a different region that were long
enough for profiles to be determined from the TIRF image and that were also well
separated and in regions with low background fluorescence.

Results and Discussion
AFM vs. TIRF Resolution
Single molecule imaging by fluorescence has been achieved with a large number
of systems, but always when individual fluorophores were separated by a distance greater
than the diffraction limit [15] or were activated or bleached sequentially and thus
effectively separated in time [16]. In filaments, myosin molecules and therefore
fluorophores are crowded into a tight space, well beyond the diffraction limit of a light
microscope. Indeed, when formed by rapid mixing, filaments proved too short for any
structural information to be determined from the TIRF images alone (Fig. 1a), but the
bright spots visible in TIRF clearly show the presence of spots that fluoresce too
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intensely to be single molecules (per intensity analyses below). However, when the same
region is imaged with AFM, the pixelated spots are resolved into filaments with the
clearly tapered ends expected for myosin filaments prepared under these conditions (Fig
1b) [17]. Lengths can also be accurately determined as 0.9 ± 0.2 µm (mean ± S.D.),
which is somewhat shorter than the physiological length of 1.5 µm [9].
Given the significant resolution advantage offered by AFM, it might not be
immediately clear that the two images do in fact show the same region of the sample. To
aid in comparison, the TIRF image was thresholded and the outline of this thresholded
image is shown as the white overlay in Fig. 1b. It should now be clear that both images
show the same sample region and that the brightest regions in TIRF are in fact due to
several filaments that cannot be resolved optically. The AFM used has a closed-loop
position sensor that corrects possible errors from piezo non-linearity, hysteresis, and drift
and allows specific regions to be imaged at still higher resolution in AFM in order to look
for more detailed structural features of the samples than is possible in fluorescence
(compare Fig. 1c, d). At this resolution, the tapered structure becomes more apparent and
it is clear that there is no central bare zone—a region without myosin heads—as expected
for pH 7 filaments [17].
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Figure 1: TIRF and AFM images of self-assembled myosin filaments on PMMA coated glass in buffer with physiological salt.
Myosin molecules were labeled with an average of 1.2 dyes per heavy chain and predominantly at Cys-707 in the motor domain. (a)
The TIRF image has limited resolution both because of diffraction effects and because of the finite pixel size of the camera. The inset
shows the crystal structure of the myosin motor domain with part of the converter domain. The red star indicates Cys-707. (b)
Tapping mode AFM height image of the same region shows the elongated and tapered structure of individual myosin filaments that
are now clearly resolved. The white overlay represents the edge of the thresholded TIRF image to demonstrate registration. (c)
Cropped and scaled TIRF image from the region indicated with the black box in (b). (d) Re-scan of the same region by AFM reveals
still higher resolution and finer structural details of the filaments.
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Quantitative Cross-correlation of TIRF and AFM Data
Longer myosin filaments with a broader length distribution 3 ± 2 µm (mean ±
S.D.) are formed when dialysis is used to slowly reduce the ionic strength of a solution of
myosin monomers (Materials and Methods). Filaments formed using this method have
proven useful for in vitro motility assays because actin movement can be tracked over
longer distances that can be clearly observed in optical microscopy [6]. In the case of
combined TIRF/AFM, the fact that longer filaments can be clearly resolved in TIRF
makes a quantitative comparison of fluorescence and height data possible. Fig. 2a shows
a TIRF image of three myosin filaments, and Fig. 2b shows the AFM height image of the
same region. The images are clearly similar, and quantitative analyses add further
insight.
Intensity and height profiles taken along the filament centerlines are plotted in
Fig. 2c (fluorescence intensity in red and height in black). To facilitate comparisons by
taking the broadening of the optical microscope into account, we smoothed the AFM
height profiles by convolution with a Gaussian kernel with the same standard deviation as
that determined from fits to the intensity profiles of single fluorophores (Fig. 2a, inset).
The smoothed height profile is shown in blue.
The agreement between the two methods is clear upon inspection, but to make
these observations more precise, we made a height-intensity scatter plot using the profiles
in Fig. 2c as well as two from another sample region. The intensity is fit with a function
of the form I = Ha + c with a = 1.0 ± 0.1 suggesting that the scaling is linear. To confirm
that the data are in fact represented better by a linear model, we used the Akaike
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Figure 2: Fluorescence intensity (and therefore number of myosin heads) correlates with height. (a) TIRF image. Inset shows the
optical microscope’s point spread function (PSF) determined by fitting a Gaussian (standard deviation 260 nm) to a single spot in a
TIRF image. (b) Tapping mode AFM height image of the same region. The “shadows” vertically displaced above the filaments are
most likely a tip artifact, but because they are several filament widths away from the principal image, this artifact is unlikely to affect
the tip tracking and height profiles along the filament lengths. (c) Maximum height (black) and intensity (red) profiles measured along
the three filaments in the images. The blue curve is the convolution of the AFM trace with the PSF to simulate broadening of
fluorescence due to diffraction and to facilitate a more appropriate comparison between height and intensity. The number in the top
right of each plot is the fractional asymmetry of each filament calculated assuming the filaments have a circular cross section. It is an
estimate of how much more volume the filament has on one half than on the other divided by the total volume.
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information criterion [18, 19]. This is useful because simply considering the goodness of
fit will favor models with more parameters. In the extreme case of a polynomial with the
same degree as the number of data points, the fit will always be perfect. In contrast, the
Akaike information criterion balances this increase in goodness of fit with a term that
depends on the number of parameters. The results of this analysis can be converted to
evidence ratios [19] that revealed a linear fit is 3-fold more likely to account for the data
than a power law fit and is 3x106 times more likely than a quadratic fit. This linear
scaling is not obvious a priori and in fact reveals information about filament structure
that is not available from either TIRF or AFM alone. In particular, because height simply
reflects the filament diameter whereas intensity reflects the total number of fluorophores
in a filament cross-section, linear scaling implies that the fluorophores, which reside in
the myosin head, are arranged in a shell around the filament. In other words, if the heads
are arranged in a shell around the filament they will form a circle in cross-section. If
their diameter is doubled, the circumference of this circle and therefore the number of
myosin heads will also double. In contrast, had the labeling been uniform throughout the
filament, a quadratic scaling would be expected since in this case the intensity would
scale as the filament cross sectional area while the height would still reflect the filament
diameter. An intermediate scenario with some labeled heads in the filament interior
might also have been possible, but this is 3-fold less likely to account for the observed
data as determined by the Akaike information criterion. These possibilities are displayed
schematically in Fig. 3b.
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The analyses above could be complicated by several factors. The first is that the
evanescent field used to excite fluorescence in TIRF decays exponentially from the
sample surface so that heads on the top of a filament will experience a smaller excitation
intensity than those on the surface. However, this correction can be shown to be
negligible based on reasonable assumptions about the parameters of this experiment and a
direct measurement of the fluorescence intensity as a function of height (see Appendix
A). Another potential source of error comes from inhomogeneities in the excitation
across the field of view that distort the intensity along the filament length. Based on
images from surfaces densely covered with fluorophores, these variations are not
significant over the length scale of the filaments. Finally, it is also possible that the
filament is deformed either by adsorption to the surface or from compression by the AFM
tip. To minimize this effect, care was taken to keep tip-sample forces as small as possible
by adjusting the amplitude set point as close to the free amplitude as possible while still
maintaining surface contact and image quality.
Consistent with past work on filaments formed under the pH 7 conditions used
here, there appears to be an ‘adventitious’ surface layer of myosin molecules that would
explain the lack of a visible central bare zone [20, 21]. Non-physiological conditions can
sometimes enhance the bare zone [17], and for these filaments molecular exchange of the
inner-most molecules with the surrounding medium is estimated to be negligible [22].
The shell-like arrangement of myosin heads in ‘pH 7 filaments’, sets some limits on the
adventitious layer: the density of the total shell of heads – including both the
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Figure 3: Height-intensity scaling and its structural implications. (a) Plot of intensity versus height calculated using the broadened
AFM height data. The black curve is a power law fit with a resulting exponent of 1.0 ± 0.1 suggesting that the best scaling is linear;
indeed, the Akaike information criterion shows a linear fit is three times more likely to account for the data than the power law fit and
3x106 times more likely than a quadratic fit. Linear scaling implies that the myosin heads are arranged in a shell around the filament:
if this were not the case, the number of dyes present in a given diffraction-limited cross section would scale as a higher power of the
diameter (and therefore height) as illustrated schematically in (b).
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adventitious layer and the core – is roughly constant for all filament heights, and
therefore along the filament length.

Myosin Numbers from AFM and Single Molecule TIRF Imaging
Another test of the agreement of the two imaging methods is an estimate of the
number of molecules in the filament based on each method. Since the structure of
myosin is known, we can estimate the volume per molecule and compare it to the total
filament volume. Each myosin molecule is modeled as a 150 nm long rod with a 2 nm
diameter and two heads that are each 10x5x3 nm for a total volume per myosin of ~770
nm3. Measuring volume from AFM images requires some knowledge of either the
sample or tip shape. The tips we used in this case have a nominal initial radius of
curvature at the tip between 10 and 40 nm, however this can increase during scanning due
to blunting against the surface or adsorption of material to the tip. The filament crosssectional height profile shown in the inset in Fig. 2B has a width at its base more than
ten-fold greater than the height of 5 nm, implying that some broadening due to the
tip/sample convolution has indeed occurred or that the filament flattened somewhat
during adsorption to the surface. In principle the contributions of broadening and
flattening could be assessed by performing a deconvolution using some assumption for
the tip geometry, but because the filaments are only a few pixels across, this does not
seem justified. Instead, we have chosen to assume the filament has a circular crosssection with a diameter equal to the filament height at that point, and to calculate the
volume based on this assumption. For this reason, our volume estimates from AFM
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should be taken as lower limits. Table 1 lists the results for five filaments that range from
about 50 to 450 myosin motors per filament.
To estimate the number of molecules based on the TIRF data we followed an
analogous procedure and first determined the average intensity of single, well-separated
myosin molecules. We imaged at high ionic strength (0.6 M KCl, 10 mM imidazoleHCl, 2 mM MgCl2) ensuring that no filaments were formed, and then sought spots that
bleached in one step, fitting them with a 2-dimensional Gaussian (Appendix B). This
procedure yields an average single molecule intensity and was repeated each day
immediately before filament experiments. The number of myosin motors per filament
obtained from TIRF (Table 1) was thus obtained by comparing the average single
Filament Number
i
ii
iii
iv
v

(Myosins / Filament)
by AFM
436
430
59
158
203

(Myosins / Filament)
by TIRF
316
292
70
96
141

Table 1: Myosins per filament as estimated from AFM height profiles and from TIRF intensity profiles after calibration of single
molecule fluorescence. Filaments i-iii are shown in Fig.2.

molecule intensity to the total intensity of a filament, and the estimates appear similar in
magnitude to those obtained with AFM. Indeed, a plot of NTIRF = (Myosins/Filament)TIRF
versus NAFM = (Myosins/Filament)AFM can be fit to a line: NTIRF = 11 + 0.67 NAFM (R2 =
0.98). With TIRF, photobleaching of the fluorophores in the filament is unavoidable and
could explain the persistent underestimate by ~33%. Depending on the arrangement of
heads in the filaments, it is possible that fluorophore self-quenching could also contribute
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to this underestimate. The Förster radius for rhodamine self-quenching by resonant
energy transfer is likely between 4-5 nm (the Förster radius for homo-FRET of
fluorescein, which has a similar overlap between its excitation and emission spectra, is
4.0 nm [23]). Based on the number of myosins per µm (see below) the average interhead distance is between 10 and 20 nm. Because of the rapid decay of the transfer
efficiency with distance, the decrease in intensity due to self-quenching should not be
significant. In either case, a linear model provides an excellent fit in comparing AFM
and TIRF.
Our determinations of motor numbers NTIRF and NAFM are in sufficiently good
agreement with each other that we can estimate a mean motor density of !myo ~ 50-100
myosins per µm. This estimate for !myo is about 25-50% of the physiological value in
muscle of 210 molecules per µm (each crown of three molecules is separated by 14.3 nm
[24]), and it is smaller still than an estimate based on the spacing of single fluorophores
in sparsely labeled, but otherwise similarly prepared filaments [25]. In our experiments, a
30% decrease in filament heights due to adsorption and/or compression under the tip
would give a 50% underestimate for !myo, and such dimensions (!2.5 nm decrease) are
small and very possible when compared to myosin head and tail dimensions.

Filament Asymmetry !myo(s)
Since the fluorescent labels reside primarily in the myosin head and since the
correlation of the data from our two modalities leads to a reasonable model of head
arrangement as well as mutual agreement about !myo, we can reasonably assume that the
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height variations seen along the filament contour s in AFM traces reflect the local density
of myosin heads. The profiles for !myo(s) plotted in Fig. 2c show the filaments are
generally not symmetric about their midpoints. The fractional asymmetry ! is defined
simply as the volume of one half of the filament minus the volume of the other half
divided by the total volume. The volumes are determined from the height profile as
described above with the midpoint determined from the total filament length.
The results of this analysis are shown as inset numbers in Fig. 2c and the
asymmetries measured from a larger set of filaments are summarized in Fig. 4, which
includes data from filaments formed by both rapid mixing and by dialysis with both
showing similar values for the asymmetry. There is also no clear trend in the fractional
asymmetry with length, highlighting the fact that even the shorter filaments formed by
rapid mixing do not have physiological symmetry. The probability distribution P(!)
decreases almost linearly with increasing ! so that symmetric filaments are the most
likely, but since the decay is not very rapid the mean <P(!)> is still 0.32.

A Purely Entropic Lattice Model of Asymmetric Filaments
The lack of length dependence on the asymmetry as well as the decrease of P(!)
with ! can be captured using a purely entropic lattice model for the filaments. The brickwall lattice with no overhangs shown in Fig. 5a is motivated by the staggered packing of
myosin molecules in filaments and has the desirable feature that filaments taper at their
ends, as observed in experiments. By taking the binding energy to be constant for all
sites, the statistical mechanical problem is reduced to a combinatorial problem: a purely
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Figure 4: Fractional asymmetry from raw AFM height profiles as a function of length. Black points are averages over 500 nm bins
of the individual data points shown in gray, except for the longest three points which correspond to the three filaments imaged in
figure 2. There is large scatter about the mean of 0.32 shown by the horizontal line, but there is no clear dependence on filament
length. The right panel is a histogram showing the probability distribution of the filament asymmetries, !. Small asymmetries are the
most likely (the maximum of the distribution occurs at the smallest bin), but the decay with ! is slow (approximately linear).
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entropic description of the equilibrium in this model thus depends only on the number of
possible arrangements of molecules on the pyramidal lattice. Counting the number of
ways of arranging bricks on this lattice is equivalent to counting the number of Dyck
paths of the same size, i.e. the number of ways of connecting the two corners of a square
region on a square lattice without crossing the line y = x. This is a useful equivalence to
note (shown schematically in Fig. 5a), because the solution of this second problem is
known. The number of possible Dyck paths with base length L is given by the Catalan
numbers [26]
(2L)!
for L " 0.
(L + 1)!L!
To our knowledge, no analytical expression for the fractional asymmetry of these states is
CL =

known but it is possible to generate all possible Dyck paths for a given base length and to
!
then calculate the fractional asymmetry ! for each of these model filaments.
Although CL grows very rapidly with L, the results prove sufficiently informative
for L up to 11 as shown in Fig. 5b. ! is zero for filaments of length L = 1 and 2, but this
rises and rapidly plateaus reaching a nearly constant value. Thus the pyramidal lattice
model qualitatively captures the length dependence of ! shown in Fig. 4. The asymptotic
value of 0.14 is about half the experimental value, but it is important to note that these
planar model filaments with a base length of 11 can have up to 66 molecules in them so
that the size ranges explored in the model are comparable to the shorter filaments
observed in AFM.
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Figure 5: Pyramidal lattice model of myosin filaments. Myosin filaments are modeled using a lattice with staggered sites without
allowing overhanging edges. The problem of counting the number of ways of stacking bricks on this lattice is equivalent to counting
the number of “Dyck paths” (a). Two model filaments are shown in (b). To see the equivalence of these two problems, note that the
path drawn behind the first filament is the same as that shown in (a), but rotated by 3"/4. The base lengths L and fractional
asymmetries ! are written in the insets. The height profiles of these filaments are equivalent to so called Dyck paths as shown by the
rotated plot under the first schematic filament. (c) Plot of ! as a function base length. Points show all possible model filaments of a
given length. The line shows the average !. (d) Histogram of the points plotted in (b) showing dependence of P(!) on !.
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The form of P(!) predicted by the model (Fig. 5c) is also qualitatively similar to
the experimental distribution: small ! is the most likely but most of the filaments are
asymmetric. One difference between the distribution predicted by the model and that
observed in AFM is the range of the data. The maximum asymmetry predicted for
filaments of length L = 11 is 0.5, whereas experimental values occasionally reach above
0.7. This is partly because of the limited length L that is accessible, since as is clear from
the plot in Fig. 5b the upper range of asymmetries is still increasing even if the average is
not. Nonetheless, given the simplicity of the pyramidal lattice model considered here, the
qualitative agreement suggests that even a slightly more sophisticated model of synthetic
filaments might capture more details of the filament structure and perhaps also give
insight into the kinds of regulatory mechanisms that control filament symmetry in vivo.

Asymmetry Implies a Force Imbalance
Since these asymmetries are correlated with the number of heads on either half of
the filament, asymmetric filaments imply a force imbalance even if the filaments are
bipolar and are attached to oppositely oriented actin filaments, as shown schematically in
Fig. 6. In other words, in a cross-linked network of actin filaments, as used in active gel
experiments [8], where the actin network is relatively immobile, myosin filaments might
not be simply contractile, but in fact motile, because even at a junction, asymmetric
filaments should move towards the end with more heads. Furthermore, on a single
filament or bundle of parallel actin filaments with the same polarity, even symmetric
filaments are expected to be motile given the results of actin gliding assays that show that
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actin can travel in both directions along both parts of myosin filaments, albeit more
slowly in the non-physiological direction [6, 7]. This kind of motility could be important
for the comparison between models of active gels and quantitative data on contractility
[27]. In future experiments, the potential motility of myosin in active gels could be
determined in a straightforward way by using different color labels for myosin and actin.
In muscle, filament length and symmetry are tightly controlled but less is known
about the structure of stress fibers in non-muscle cells. While there are several proteins
that are involved, their role in controlling myosin filament symmetry is unknown, and
slight asymmetries in myosin mini-filaments could be particularly important in nonmuscle cells. It has already been proposed that myosin filaments could be motile—rather
than purely contractile—in stress fibers with uniform polarity [28] but this may even be
the case in sarcomere-like stress fibers if there is a force imbalance due to asymmetric
myosin filaments. This kind of motility could serve simply to transport myosin or could
perhaps be involved in cargo transport as other myosins are known to be [29]. In any
case, if filament motility is absent in non-muscle cells this may imply that there is a
mechanism regulating non-muscle myosin filament symmetry or some other mechanism
to stabilize asymmetric filaments in actin bundles or junctions.
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Figure 6: Asymmetric myosin filaments could be motile as shown in this schematic of an asymmetric myosin filament at an F-actin
junction. If the myosin filament (red) is bipolar about its center and the actin filaments (blue, minus ends towards center) are relatively
immobile, then the contractile forces exerted by the myosin filament on the actin filaments will not balance. If there is sufficient
asymmetry, the myosin filament will move towards the side with more heads (in this case to the right).
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Conclusion
Cross-correlated-TIRF/AFM provides complementary advantages for sample
characterization: TIRF can leverage the extensive chromophore and fluorescent protein
technology that has been developed to specifically identify molecular species of interest,
while AFM can be used to collect high resolution structural information from the same
sample region. Furthermore, a quantitative correlation of the data from the two
modalities provides structural information that would have been unavailable from either
one alone. In particular, we were able to confirm that the heads of myosin filaments are
arranged in a shell of roughly constant thickness around the filament, consistent with
having the heads exposed to the outside as required for their actin binding function. It
also shows the power of correlative TIRF/AFM to determine the arrangement of
fluorophores within a structure that is only nanometers thick in fluid at room temperature.
The same method can be extended to other macromolecular structures that can be
fluorescently labeled and deposited on a surface.
Using the structural information revealed by AFM images of myosin filaments,
we quantified the fractional asymmetry of synthetic filaments and found that it averaged
0.32 for filaments prepared by rapid mixing and by dialysis and over the length range we
observed. This asymmetry could have implications for intracellular trafficking, [28] in
vitro motility measurements [7] and for experiments using myosin to activate actin gel
systems [27].
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Supplement
TIRF Excitation Scaling Correction
The electric field intensity in TIRF decays exponentially from the sample surface. The
corresponding decay of the fluorescence intensity from a dye near the surface is more
complicated due its interaction with the surface, as discussed in detail in ref. [30].
However, while these corrections can be important for comparing the intensity of a
fluorophore near a surface with one far away from the surface, the corrections vary
slowly with height within the first 10 nm, which is the relevant scale for our
measurements. This was confirmed by measuring the drop in intensity from fluorophores
on the tip of an AFM cantilever as it was moved away from the sample surface (inset Fig.
7b). The intensity is fit well by a single exponential with a decay length of 140 nm. This
exponential decay in fluorescence intensity introduces a deviation from linear intensity
scaling even for a filament that is a perfect cylinder with fluorophores arranged only
around its circumference. However, for reasonable assumptions for the filament
properties in our experiments, this correction is negligible for the case of fluorophores
distributed in a shell. To see this, consider the geometry shown in Fig. 7a. It depicts a
filament cross section of radius r sitting on a surface at z = 0, where z is the height above
the surface. The fluorescence intensity from this cross-section is then proportional to the
integrated contributions of the fluorophores around the edge times the excitation intensity
at each height:
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Figure 7: (a) Geometry for scaling correction calculation. The region with fluorophores for the shell model is the arc of the circle
between the points labeled 1 and 2. The region with flurophores for the solid model is the segment indicated by the thin lines. (b) The
results of the numerical integration for the shell model (black points) and solid model (gray points) taking into account the decay of
the TIRF field. The solid lines are fits to the data - linear in the case of the shell model and quadratic (no constant or linear term) in
the case of the solid model.
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where larc is the length of the arc between points 1 and 2 in Fig. 7, Ifl is the fluorescence
intensity, and d is the characteristic decay length of the evanescent field. Using a decay
length of 150 nm, the above expression for Ifl was integrated numerically in Mathematica
(Wolfram Research, Champagne, IL) for several values of filament radius up to 20 nm.
As shown by the linear fit in Fig. 7b the correction due to the decay of the evanescent
field is negligible compared to the experimental scatter in Fig. 3a. A similar procedure
can be carried out for the case when the fluorophores are assumed to fill the cylinder
uniformly. In this case, rather than the arc length appearing above, we have the area of a
segment of the circular cross-section given by
"
r2 (
r-z
r - z %+
Aseg = *2cos-1[
] - sin$2cos-1[
] -.
#
2)
r
r '&,

The scaling resulting from this correction is still distinguishable from a linear scaling
!
although it is no longer perfectly quadratic (Fig. 7b).

Single Molecule Intensity Calibration
To determine the single fluorophore intensity we used a sample of mostly singly labeled
myosin monomers and found spots that bleached in one step by monitoring the intensity
over time in a square region of 5 pixels on a side (Fig. 8a). We then fit a 2-dimensional
Gaussian to the spot prior to its bleaching and used the volume of the best fit Gaussian as
the spot’s total intensity (Fig. 8b).
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Figure 8: (a) Average intensity over time for a 5 by 5 pixel square showing a one-step bleaching event. (b) A Gaussian fit to a spot
that subsequently bleached in a single step to determine that spot’s total intensity.
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